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Embryonic development involves a fundamental biomechanical process that constructs 
complicated three-dimensional tissue structures through massive cellular movements. During 
early gastrulation stages, polarized cell intercalation movements drive the dramatic extension of 
the Xenopus laevis frog embryo in the anterior-posterior direction. How those individual cellular 
protrusive forces integrate to produce the bulk force at the tissue level remains unknown. 
Furthermore, the embryo is shaped not only by active forces, but also by the mechanical 
properties such as the viscoelastic properties of the constituent tissues. Although rapid progresses 
have been made to identify the genes or proteins involved in this process, there is much less 
known about mechanical roles of the genes and proteins in the process. By investigating the 
contribution of subcellular-, cellular-, and tissue-level structures to the tissue mechanical 
properties, we found that, on the tissue-level, there were large temporal and spatial variation in 
tissue stiffness of dorsal isolates and the stiffness was largely dependent on paraxial mesoderm 
tissues, while notochord tissue, which has been proposed to support the early embryos, was not a 
major contributor to the tissue mechanics. On the cellular-level, the mechanical properties of 
dorsal isolates were mainly dependent on cells, but not their ECM. On the subcellular-level, the 
mechanical properties of the embryonic cells were determined by actin and myosin II 
contractility, while microtubules indirectly controlled the tissue stiffness by regulating 
actomyosin network through a Rho-GEF mediated signaling pathway. In order to measure the 
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tissue extension forces, we developed a high throughput technique combining imaging 
techniques and finite element models. Using this technique, we identified two cases of 
mechanical adaptation. In the first case we found that dorsal axial tissues generated less force to 
compensate for their own lower mechanical resistance. In the second we found that dorsal axial 
tissues encountering a stiffer environment were capable of generating nearly 2-fold greater force. 
These cases of adaptation demonstrate that force production is quantitatively balanced during CE 
and that the mechanisms responsible for this adaptation are able to ensure robust morphogenesis 
against environmental and genetic variation in physical force production and tissue stiffness. 
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1.0  INTRODUCTION 
1.1 EMBRYONIC DEVELOPMENT 
Gastrulation is a critical process in embryonic development, during which dorsal isolates extend 
along their anterior-posterior axis, deform the whole embryo from a ball shape to a tube-like 
shape, separate it into three germ layers and thus establish a basic body plan for embryos setting 
the environment for organogenesis (Figure 1). The three germ layers include endoderm, 
mesoderm and ectoderm, which develop into different tissues and organs. For example, the 
inner-most germ layer, endoderm, develops into the internal organs, such as liver and pancreas; 
the middle layer, mesoderm develops into tissues such as somites, notochord, bone, and muscles; 
and the outermost germ layer, ectoderm, develops into tissues, such as skin, brain, and nervous 
system (Stern, 2004).  
 
Figure 1.Gatrulation deforms embryo from a ball-like to a tube-like shape (From Lance Davidson). 
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Gastrulation involves massive cellular and tissue movements such as involution, 
invagination, convergent extension and epiboly (Gilbert, 2006). Convergent extension is one of 
the most important tissue movements in vertebrate embryos, during which cells intercalate 
between each other in a directed manner, elongate the whole embryo along the anterior-posterior 
axis while narrowing in the medial-lateral direction (Keller et al., 2003). Convergent extension 
has been proposed to be driven by a cellular rearrangement movement called mediolateral cell 
intercalation (Figure 2), during which polarized cells constrain their lamellipodia protrusions to 
the mediolateral direction, slide between each other by frequently breaking and reforming 
adhesions to pull the neighboring cells towards midline, and change their shapes to become 
elongated in the mediolateral axis (Keller, 2002).  
 
Figure 2. Convergent extension is driven by mediolateral cell intercalation. 
The polarized cell protrusive activities are molecularly regulated by upstream non-
canonical Wnt/planar cell polarity (PCP) pathway which directs otherwise randomly oriented 
protrusions into the mediolateral direction (Wallingford et al., 2002). The PCP components 
  3 
include extracellular protein Wnt 11, transmembrane protein frizzled 7 (Fz) and intercellular 
signaling proteins dishevelled (Dsh) and Daam1 (Keller, 2002). They control convergent 
extension by modulating the cytoskeletal effectors, such as actin cytoskeleton and myosin II 
through small GTPase molecules such as Rho, Rac and cdc42 (Habas et al., 2003; Tahinci and 
Symes, 2003).  ) Recently, more and more genes and subcellular proteins have been identified to 
direct the CE movement. For example, by controlling cytoskeleton network, ECM or cellular 
adhesions, these genes regulate the cellular behavior, such as converting otherwise randomly 
oriented protrusions into the mediolateral direction (Figure 3). However, due to the difficulties 
to measure the tissue mechanics, there is very limited information about how these genes or 
proteins pattern the tissue mechanics. For example, it is not clear how the cytoskeleton regulates 
cellular traction force, which integrates to produce extension forces at tissue level, or how the 
cytoskeleton or ECM controls the cell shapes and maintains the cellular tension, which determine 
the deformability of cells or tissues (Figure 3). It is also not clear whether there is feedback 
between force and stiffness. To fill these gaps, we proposed to study the both active force 
production and passive tissue mechanical properties of embryonic tissues.  
  4 
 
Figure 3. PCP pathway directs convergent extension through cytoskeletal effectors which patterns 
the cellular traction forces and cell stiffness. 
1.2 DEVELOPMENTAL BIOMECHANICS 
Embryonic development is fundamentally a mechanical process, and the change of the tissue 
shapes must be governed by basic physical principles. For instance, the degree of the tissue  
deformation (or cell deformation) must be proportional to active forces, which drive the 
deformation, and must be inversely proportional to passive tissue mechanical properties (or 
cellular mechanics) such as stiffness, which resist the deformation.  
From a microscopic perspective, the tissue deformation is driven by the intercalating 
cells. During mediolateral cell intercalation, multiple arrays of polarized cells exert traction 
forces on their neighbors to pull them toward midline, rearrange their positions, and increase the 
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number of cells in the mediolateral axis continuously (Figure 2). During the same time, the 
intercalating cells are changing their shapes. The cells become narrowed in the anterior-posterior 
axis as they are stretched in the mediolateral direction due to the mediolateral tension produced 
by the polarized protrusions. The net result is tissue extension along the anterior-posterior 
direction with more and more deformed cells (Figure 2). During the process, molecular forces 
such as actomyosin contractility convert into cellular traction forces to rearrange the cells and 
maintain the tension in cells to determine their deformability (Gardel et al., 2006; Wang et al., 
2002).  
From a macroscopic view, dorsal isolates actively extend over 10% per hour along their 
anterior-posterior axis by the internally generated forces. The anterior-posterior elongating forces 
are converted from and thus dependent on mediolateral cellular traction forces. The extending 
forces not only deform the tissue itself, but also drive the surrounding tissues to deform as the 
whole embryo elongates, while the magnitude and rate of tissue deformation is also determined 
by the passive tissue mechanical properties, which are dependent on the mechanics of cells and 
extracellular matrix (Keller et al., 2000b). Lastly, the passive mechanical properties of the 
embryo such as stiffness affect the ability of cells to resist deformation induced by traction 
forces, transmit forces between cells and absorb energy to avoid tissue bending.   
The active forces and passive mechanical properties not only physically construct the 
three-dimensional tissue structures, but may also provide feedback to remodel embryonic cells, 
their extracellular matrix, and cellular adhesions. For instance, substrates could mechanically 
affect cell motility. Embryonic tissues serve as substrates for cells in their neighboring tissues to 
migrate (Keller et al., 2000a). And cells increase their rates of motility and traction forces on 
stiffer substrates compared to flexible ones (Lo et al., 2000; Pelham and Wang, 1997; Peyton and 
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Putnam, 2005). Furthermore, the substrate could regulate multiple other cellular processes such 
as  gene or protein expression and cell differentiation through signaling pathways (Desprat et al., 
2008; Discher et al., 2005; Engler et al., 2006; Farge, 2003; Katsumi et al., 2002). Although 
active forces and passive mechanical properties at both cellular- and tissue-level are thought to 
play significant roles during tissue morphogenesis, very little is known about what these roles are 
and how they are regulated. To fill these gaps, we proposed to study the both active force 
production and passive tissue mechanical properties of embryonic tissues.  
1.3 MULTI-SCALE TISSUE MECHANICS 
Convergent extension provides a great opportunity for us to understand the role biomechanics 
plays in the formation of constituent tissues from individual cells, since it integrates active forces 
and passive mechanical properties at multiple scales ranging from the molecular- to the cellular-, 
and up to the tissue-level. For example, molecular forces such as actomyosin contractility are 
converted into cellular traction forces, which in turn are integrated to produce tissue elongation 
forces through direct cell-cell adhesion or indirect cell-ECM adhesion. Additionally, the 
mechanical properties of molecular structures such as actin or intermediate filaments determine 
the cellular mechanics, which in turn regulate the stiffness of embryonic tissues.    
The mechanical response of a tissue to an external load is determined by the material and 
its architecture. Dorsal isolates contain three germ layers: ectoderm, endoderm and mesoderm; 
mesoderm can be further divided into notochord and pre-somitic tissues (Figure 4). Each tissue 
component is mainly composed of newly formed extracellular matrix (ECM) and densely packed 
cells which are inter-connected by cellular adhesions such as cadherin-mediated cell-cell 
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adhesion or integrin-based cell-ECM adhesion. The mechanical properties of embryonic cells are 
determined by their intracellular structural proteins such as nucleus (Lee et al., 2007; Philip and 
Dahl, 2008) and cytoskeleton (Gardel et al., 2008; Ingber, 2003; Trickey et al., 2004). The 
subcellular cytoskeletal structures include the actomyosin network, intermediate filaments and 
microtubule meshwork. They maintain cell shapes and mediate cellular functions such as cell 
motility, cell division and cell polarity.  
 
Figure 4. Basic structures of a dorsal axial tissue. 
Individual components of a dorsal isolate shown with rhodamine-dextran (red) and fibrillar fibronectin 
matrix (green) include neural ectoderm, notochord (no), medial (or paraxial) somitic mesoderm (med.mes), lateral 
somitic medoserm (lat.mes) and endoderm. Lateral (L), Medial (M), and notochord (N). 
 
1.3.1 Mechaical contribution of tissue-level structures 
The basic tissue structure of dorsal isolates is composed of ectoderm, endoderm, notochord, and 
somitic mesoderm tissues (Figure 4). Each of these tissues may have distinct mechanical 
properties due to the differences in their cell types, cell sizes, cell shapes, or cellular behaviors. 
For example, both mesoderm and neural ectoderm cells actively converge and extend during 
gastrulation and neurulation stages (Keller and Shih, 1992; Keller et al., 1992b), while endoderm 
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cells do not. Moreover, in contrast to mesoderm cells which display bipolar protrusive activities 
along their mediolateral direction, cells from neural tissues converge using monopolar 
protrusions (Elul and Keller, 2000; Elul et al., 1997). In zebrafish, the cell-cortex tension of 
individual ectoderm cells measured by AFM is higher than that of mesoderm cells, and followed 
by endoderm cells, while the adhesive force between endoderm cells is smaller than that of 
mesoderm and ectoderm cells (Krieg et al., 2008).  
The notochord is a midline axial structure in vertebrate embryos and plays both important 
signaling and mechanical roles in embryonic development. As a molecular signaling center, 
notochord induces surrounding tissues such as neural floor plate (Takaya, 1977). As a support 
structure, notochord has clear mechanical roles in both early and late developmental stages. In 
early-stage embryos (at the beginning of convergent extension or late gastrulation stages), 
notochord cells are the first groups of cells which adopt bipolar behaviors and thus become the 
driving forces for convergent extension (Keller, 2002; Shih and Keller, 1992). In late-stage 
embryos (tail-bud stages), notochord continues to elongate and starts to straighten by raising the 
internal pressure causing by swelling cells and increased density of collagen fiber sheath (Adams 
et al., 1990; Koehl et al., 1990). However, the mechanical role of notochord during axial 
elongation and neural tube closure stages is controversial. Notochord is thought to pattern 
morphogenetic movements and drive axial elongation. Evidence comes from several sources. For 
example, embryos had shortened dorsal axes when the notochord tissue was ablated by either 
microsurgery or gene mutation during axial elongation and neurulation (Jacobson and Gordon, 
1976; Kitchin, 1949; Talbot et al., 1995). However, other studies challenged the results by 
showing that embryos, which is absent of notochord tissue by ultraviolet-irradiation, are normal 
in both axial elongation and neural tube closure (Malacinski and Youn, 1981; Youn and 
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Malacinski, 1981). The discrepancy between these results may be due to the early patterning 
function of notochord when the notochord was removed in very early stages, or due to the stage-
dependencies of the mechanical function of notochord. Thus it is critical for us to determine the 
mechanical role of notochord during axial elongation and neurulation stages.  
 
1.3.2 Mechaical contribution of cellular-level structures 
Each tissue component such as notochord, somitic mesoderm, and endoderm is composed of 
cells connected by adhesions, for instance, cadherin-mediated cell-cell adhesion, or integrin-
mediated cell-ECM adhesion. The degree of the cell-cell interactions or the physical properties 
of ECM such as fiber angle, fiber strength, and the structures of the fiber network may contribute 
to the tissue mechanics. For example, ECM such as collagen directly contributes to the 
mechanical properties of most adult biological tissues such as heart valve and blood vessels, late-
stage embryonic notochord, and gastrulation stage sea urchin embryos (Adams et al., 1990; 
Davidson et al., 1999; Levental et al., 2007).  
The major ECM components in gastrulating embryos include fibronectin, fibrillin, 
laminin, and their receptors such as integrin and syndecan-2 (Danker et al., 1993; Fey and 
Hausen, 1990; Kramer and Yost, 2002; Lee et al., 1984; Ramos et al., 1996; Skoglund et al., 
2006). There is no collagen type II or elastin expressed in the early-stage embryos (data not 
shown). The ECM molecules form fibrils at boundaries of major components of dorsal isolates 
such as ectoderm, endoderm, notochord, and somitic mesoderm in the early frog embryos. For 
instance, fibrillin and laminin are both expressed at notochord and paraxial somite boundaries.  
Fibrillin is required for convergent extension (Skoglund et al., 2006; Skoglund and Keller, 2007), 
while the role of laminin in frog embryonic development is still not very clear (Fey and Hausen, 
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1990; Parsons et al., 2002). Fibronectin forms a fibrillar sheath at the boundaries between each of 
the three germ layers and between notochord and somitic tissues. Every mesoderm cell is 
directly connected with fibronectin through integrin α5β1 during late gastrulation and early 
neurulation stages (Davidson et al., 2004). Fibronectin plays an important signaling role during 
gastrulation and knockdown of fibronectin or its integrin α5β1 disrupts convergent extension 
(Davidson et al., 2004; Davidson et al., 2006; Marsden and DeSimone, 2001). However, 
evidence for a mechanical role for fibronectin is unclear. Some evidence suggests that ECM is 
unable to support compressive forces, for example, additional fibronectin polymerization does 
not increase the stiffness of cell-embedded collagen gels. However, additional fibronectin 
enhances the ultimate strength and toughness of the gels (Gildner et al., 2004). Fibrous ECM 
sheath may serve a structure role and reinforce the tissue stiffness by increasing the internal 
tension of encompassed tissue columns such as notochord and somitic tissues (Adams et al., 
1990). Furthermore, ECM may indirectly contribute to the tissue mechanics by regulating 
cellular contractility (Brooke et al., 2003; Engler et al., 2008; Pelham and Wang, 1997; Peyton 
and Putnam, 2005). For example, cells exert forces on their surrounding ECM substrates to build 
internal cytoskeletal tension and thus raising the elastic modulus of substrates may increase 
tissue stiffness through molecular signaling pathways, such as Rho GTPase (Arthur et al., 2002; 
Paszek et al., 2005). Lastly, ECM may enhance the actin assembly through their integrin, which 
could recruit additional cytoskeletal components such as the Arp2/3 complex and formins 
(Blystone, 2004). 
Cadherin mediated cell-cell adhesion is important to maintain tissue integrity and to 
transmit traction forces between cells to integrate forces at tissue level. C-cadherin is the most 
prominent cell-cell adhesion molecules in early frog embryos (Heasman et al., 1994; Lee and 
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Gumbiner, 1995). Both extra- and intra-cellular domains of C-cadherin are required for 
gastrulation: extracellular domains may mediate both hemophilic and heterophilic binding 
between cells, while intracellular domains interact with the actin cytoskeleton through proteins 
such as β-catenin and p120-catenin (Gumbiner, 2005; Noren et al., 2000; Yamada et al., 2005). 
Overexpression or disruption of these domains perturbs convergent extension (Lee and 
Gumbiner, 1995; Zhong et al., 1999). 
1.3.3 Mechaical contribution of subcellular-level structures 
How does internal cytoskeletal mechanics regulate cellular mechanics? According to the 
tensegrity model, cellular mechanical properties are dominated by compressed microtubules, a 
tension-bearing actomyosin network, and stretched radial intermediate filaments, thus 
modification of any of the structures would potentially affect the overall cellular mechanics 
(Ingber, 2003a; Ingber, 2003b).  
Actin cytoskeleton is formed by cross-linked flexible actin filaments (Alberts et al., 2008), 
and pre-stressed by myosin II mediated contraction forces. The actin cytoskeleton transmits 
contraction forces from the interior cell to the extracellular matrix and neighboring cells. This 
cytoskeleton allows cells to generate traction forces and to sense the substrate stiffness through 
integrin to provide information about the cells’ environment (Discher et al., 2005; Engler et al., 
2008; Engler et al., 2006; Lo et al., 2000; Pelham and Wang, 1997; Peyton and Putnam, 2005; 
Schwarz et al., 2002). Both cellular stiffness and traction forces have been demonstrated to 
require an actin cytoskeleton (Elson, 1988). Disruption of the actin network decreases the elastic 
modulus of living cells (Ananthakrishnan et al., 2006; Kidoaki et al., 2006; Wakatsuki et al., 
2000; Wakatsuki et al., 2001). Purified actin gels have similar viscoelastic properties to living 
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cells and the stiffness of the actin gels has been shown to be determined by physical mechanism 
of polymer networks (Gardel et al., 2006; Gardel et al., 2004; Valentine et al., 2005). Actin 
network has already been demonstrated to support the architecture and rigidity of the early 
blastula embryo (Kofron et al., 2002). Although the contribution of the actin network to the 
mechanical properties in cell culture, purified gels or early blastula embryonic cells has been 
demonstrated, their quantitative contribution to embryonic tissue mechanics remains unknown. 
Myosin II motors can both cross-link and contract the antiparallel actin filaments and 
thus are essential to the traction forces and cell stiffness (Bhadriraju and Hansen, 2002). Myosin 
II contains two heavy chains and four light chains (Lodish, 2007). To activate myosin II, its 
regulatory light chain (RLC) has to be phosphorylated by either myosin light chain kinase 
(MLCK) or Rho kinase (ROCK) (Amano et al., 1996; Tan et al., 1992). The RLC can be 
dephosphorylated by myosin light chain phosphatase (MLCPase), which inactivates myosin II 
(Brozovich, 2002). Thus, the state of actomyosin contractility can be regulated by Rho family 
small GTPases such as Rho, Rac and Cdc42, while the Rho activity is activated and inactivated 
by guanine nucleotide exchange factors (GEFs) and GTPase-activated proteins (GAPs), 
respectively (Ridley, 2006). Activation of Rho increases stress fiber assembly and actomyosin 
contraction force through ROCK and diaphanous-related formin, mDia1 (Pellegrin and Mellor, 
2007). The level of the pre-stress, the isometric tension maintained by myosin II contraction 
force inside cells, has been shown to correlate with cell stiffness (Stamenovic, 2005a). 
Decreasing myosin II activity by inhibiting Rho-associated kinase (ROCK) decreased traction 
force (Beningo et al., 2006) and cortical stiffness (Pasternak et al., 1989), while increasing 
myosin activity increased cortical stiffness (Obara et al., 1995).  
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Microtubules are long, but rigid hollow cylinders (Alberts et al., 2008). The role of 
microtubules in determining tissue stiffness is controversial because of previously reported 
experimental results. Disruption of microtubules may increase (Stamenovic et al., 2002; Wu et 
al., 2000), decrease (Potard et al., 1997; Sato et al., 1990), or have no effects on cellular stiffness 
(Collinsworth et al., 2002; Rotsch and Radmacher, 2000; Takai et al., 2005; Trickey et al., 2004). 
Furthermore, microtubules can also regulate actin organization and myosin II contractility 
(Danowski, 1989). Thus, there are at least two models proposed to explain the effects of 
microtubule on tissue stiffness. The tensegrity model or the mechanical model proposes that stiff 
microtubules are compressed by contraction forces generated by actomyosin network and that 
the reduction of the resistive force after breaking microtubules allows increased actomyosin 
contractility (Wang et al., 2001). Alternatively, microtubules may regulate actomyosin 
contractility through molecular signaling pathways. For example, microtubules in interphase 
cells physically bind and inactivate the Rho guanine nucleotide exchange factor, GEF-H1. When 
microtubules are depolymerized during mitosis or in response to nocodozale, GEF-H1 is released 
and induces RhoA activation. Once activated by GEF-H1, RhoA acitivates Rho kinase, which in 
turn phosphorylates the MLC and may down regulate myosin II phosphatase (Chang et al., 2008).  
Intermediate filaments (IF) represent another major cytoskeletal component. IFs are 
thought to be stress absorbers due to their abilities to be extensively stretched (Herrmann et al., 
2007). Thus IFs could maintain cell integrity when tissues are exposed to large deformations in 
both IF gels and living cells (Coulombe et al., 2000; Hutton et al., 1998; Janmey et al., 1991; 
Klymkowsky, 1995; Wang and Stamenovic, 2000).  Intermediate filaments have been shown to 
interact with actomyosin (Esue et al., 2006; Tint et al., 1991) and microtubule network (Chang 
and Goldman, 2004), which suggests that they may play a signaling role as well. During 
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gastrulation stages, frog embryos express at least two intermediate filament subtypes, cytokeratin 
and vimentin (Klymkowsky et al., 1987; Torpey et al., 1990). Both of them are required to 
maintain tissue integrity during morphogenetic movements (Klymkowsky et al., 1992) and 
knock-out cytokeratin induced gastrulation defects possibly due to the loss of cellular adhesion 
(Torpey et al., 1992).  
The actomyosin cortex, microtubules, and intermediate filaments may independently 
contribute to the tissue mechanics, but may be also physically and biochemically integrated into 
a network. Together with adhesions, the network forms a mechanically integrated structure 
potentially capable of mechanosensing and mechanotransduction.    
 
1.4 TECHNIQUES TO MEASURE THE TISSUES MECHANICS 
Frog embryonic tissues are extremely soft (3-100 Pascal), very small in size (~1 millimeter), and 
only able to produce as much as half microNewton elongating force during early stages, such as 
gastrulation and neurulation (Davidson and Keller, 2007; Moore, 1994; Moore et al., 1995). It is 
very challenging to measure either passive or active mechanical properties of embryonic tissue 
since no commercial force sensors could be directly used to report the small forces produced by 
the tiny frangible tissues.  
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1.4.1 Techniques measuring passive embryonic tissue mechanics 
Passive mechanical properties are very important physical parameters to determine how a tissue 
deforms or resists externally applied or internally generated forces. There are several mechanical 
testing techniques custom designed to measure the important properties of embryonic tissue 
(Davidson et al., 2009a). For example, a three-point bending test was employed to measure the 
flexural stiffness of late-stage notochord tissues (Adams et al., 1990). A uniaxial stretch device 
composed of two parallel wires was designed to report the tissue stiffness of epithelial tissues 
(Wiebe and Brodland, 2005). Uniaxial compression devices with two plates have been used to 
evaluate the tissue stiffness in sea urchin blastula (Davidson et al., 1999), or reconstituted cell 
aggregates from chicken (Forgacs et al., 1998) and isolated tissues from Xenopus laevis (Moore, 
1994; Moore et al., 1995). Instead of measuring the average stiffness across the whole tissue, 
more local mechanical information could be obtained by micro-indentation tests for chick 
embryonic heart tissues (Zamir and Taber, 2004a; Zamir and Taber, 2004b) or by micro-
aspiration tests for Xenopus laevis embryonic tissues (von Dassow and Davidson, 2009). Each 
technique has its advantages and disadvantages. For example, it is very challenging to grip 
embryonic tissues due to the frangibility of the tissues for stretch devices. For tissue 
measurements requiring stretch, compression, or bending can directly measure the tissue 
mechanics, but require invasively isolating tissues from embryos. On the other hand, indentation 
and aspiration tests can be used noninvasively to estimate the mechanics of embryos, allowing 
intact embryos to develop further. However, these noninvasive tests have difficulties to define 
geometry and boundary conditions of the measuring tissues within an embryo, thus they are most 
dependent on structural models to extract the mechanical parameters from force-displacement 
relationships.  
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In Chapter 2, we used a nano-Newton force measurement device based on an early design 
(Davidson and Keller, 2007; Moore et al., 1995) to measure the bulk tissue mechanical 
properties by applying an unconfined uniaxial compression protocol. We use an invasive stress-
relaxation approach but one that works with more intact tissues. Using this device, we revealed 
the contribution of molecular-, cellular-, and tissue-level structures to the passive tissue 
mechanical properties.  
1.4.2 Techniques measuring active force production of embryonic tissues 
Several techniques have been used to evaluate the bulk tissue-generated forces during amphibian 
morphogenesis. For example, a fiber optic system was demonstrated that could measure the 
extending force of a Keller sandwich explant made from Xenopus laevis frog dorsal marginal 
zone tissues (Moore, 1994). Another study used a pair of parallel wires glued to the superficial 
ectoderm to measure tension forces within early neurula stage amphibian Ambystoma mexicanum 
embryos (Benko and Brodland, 2007). The forces needed to stall neural fold closure in two 
amphibian species, Triturus alpestris and Ambystoma mexicanum, have been estimated with 
magnetically manipulated steel "dumb-bells" (Selman, 1955; Selman, 1958). All of these 
biophysical approaches require dedication of specialized equipment, optical fiber or thin wire 
force transducers or magnetically controlled dumb-bells, to measure force production within a 
single embryo or tissue explant for extended periods of time. Such approaches provide insights 
into the physical constraints of morphogenesis but are not well suited to complex analyses of 
mechanosensing or the molecular and mechanical coordination of morphogenesis. 
In Chapter 3, we developed a reliable, high throughput technique to measure force-
production by converging and extending dorsal isolates microsurgically explanted from 
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gastrulating Xenopus laevis embryos and use this technique to reveal otherwise cryptic changes 
in force production that balance altered tissue stiffness, allowing for robust convergent extension 
movements.  
1.5 GOALS AND SPECIFIC AIMS 
The goal of this study is to evaluate the passive mechanical properties and active force 
generation capacities of Xenopus laevis frog embryonic tissues. Embryonic development is a 
dynamic mechanical process. Embryos construct complicated three-dimensional structures 
through massive cellular movements. The dramatic extension of the early frog embryo in the 
anterior-posterior direction is driven by polarized cell intercalation. How those individual 
cellular protrusive forces integrate to generate the bulk force at the tissue level remains 
unknown. Furthermore, the embryo is shaped not only by active forces, but also by the 
mechanical properties such as the viscoelastic properties of constituent tissues. Although rapid 
progresses have been made to identify the genes or proteins involved in this process, there is 
much less known about the biomechanics of the development. Here, we combine standard 
mechanical tests with physical, chemical and molecular biological methods to study the 
mechanical properties of developing embryos at molecular-, cellular- and tissue-level and to 
understand how the tissue extending forces are generated and regulated. 
Three aims are designed to investigate the mechanical processes of embryonic 
development. The first two aims evaluate the contribution of tissue architecture and cellular 
structures to passive loading-response properties of the tissues (Chapter 2), while the third aim 
provides information of the magnitude and the regulation of tissue extending forces (Chapter 3). 
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This work along with other research projects being carried out in our lab, such as cellular and/or 
tissue traction forces measured by traction force microscopy techniques, the dynamics of F-actin, 
and the regulation of cellular behavior and cell shapes during convergent extension will further 
our understanding of how embryos are shaped.  
Aim 1: Characterize the temporal and spatial variation of tissue stiffness in dorsal 
isolates. Embryos consist of multiple tissue types and those tissues remodel themselves over 
time. To reveal the variation of tissue mechanical properties in time and space, we use a nano-
Newton force measurement device to evaluate the stiffness (or residual elastic modulus) of 
dorsal embryonic tissues while manipulating its architecture by molecular and physical 
approaches. The aim will provide information of how various types of tissue are integrated 
during axial elongation of vertebrate embryos.  
Aim 2: Evaluate the contribution of subcellular and cellular structures to embryonic 
tissue stiffness. Cells, extracellular matrix (ECM) and their interactions determine tissue 
mechanics. Molecular pathways direct tissue development by regulating cytoskeletal effectors 
which modify cellular and ECM mechanics. However, nothing is known yet about the 
contribution of subcellular and cellular structures to the mechanical properties of embryonic 
tissues. To understand the roles of cell structures in determining tissue stiffness, we use the same 
force measurement device to measure the stiffness of dorsal isolates while modulating their 
subcellular structures such as actomyosin cortex, intermediate filaments and microtubule 
network, and cellular structures such as cadherin mediated cell to cell adhesion and fibronectin 
mediated cell to extracellular matrix adhesion. 
Aim 3: Investigate how mechanical environment affects forces generated by dorsal 
isolates. One unique property of embryonic tissues is their abilities to grow new tissues and 
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construct new structures continuously. The tissue formation is driven by forces internally 
produced by patterned cellular intercalation in the tissue. However, it is challenging to estimate 
how much force embryonic tissues generate and to understand what regulates the force 
production. In this sub aim, we develop a gel force reporting sensor based on high-resolution 
imaging techniques and finite element models to estimate the active extension forces of dorsal 
isolates while modifying their internal and external mechanical environment. 
The success of these aims will reveal the roles of biomechanics in linking the tissue 
architecture, genetic and molecular functions in cells to three-dimensional tissue deformation 
that builds the form of the early embryo and shapes later organs. 
 
1.6 SIGNIFICANCE 
According to Centers for Disease Control and Prevention (CDC), birth defects occur in more 
than 3% of infants and are a major source of infant mortality and loss for their families. 
Morphogenesis is an essential period during early vertebrate life and mechanical abnormalities in 
embryonic development can lead to significant birth defects (Figure 5) such as spina bifida and 
anencephaly (Kibar et al., 2007). For example, an unexpected increase in tissue stiffness of 
axially extending dorsal isolates may induce defects in closing neural tubes which are the 
precursors to the central nervous system. Our work is a fundamental step towards learning how 
to prevent birth defects by providing in-depth understanding of the biomechanical process in 
tissue development, investigating the molecular sources of tissue mechanics which cause the 
developmental failures, and developing novel tools to further study the process.  
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Developmental biomechanics follow the same physical principles as traditional 
biomechanics, but they are distinct in that tissues dramatically undergo growth or rearrangement, 
processes shared with tumor growth and tissue engineering. For instance, tissue engineering and 
developmental biology share many of the same physical principles to construct tissues or organs 
from individual cells and their ECM. Mechanical rules revealed during embryonic development 
would potentially inspire tissue engineers to design better products for regenerative medicine 
(Ghosh and Ingber, 2007). For instance, our studies indicate that mechanical properties of 
embryonic tissues are spatially and temporally regulated as the embryo constructs organs, which 
suggests that tissue engineers should aim to design ECM scaffolds with both dynamic and 
anisotropic mechanical properties that mimic the physicochemical microenvironment of native 
tissues; more realistic materials may promote complex cell-cell and cell-matrix interactions 
appropriate to regenerate the target tissue.  
Analysis of animal development from a mechanical perspective is not a new idea and 
there are many hypotheses about the mechanical process of embryonic development, however, 
these questions are still unresolved due to the lack of experimental studies. One reason for this is 
that it is challenging to quantitate the mechanical properties of embryonic tissues. Development 
of new mechanical tests and tools are essential to understand the interaction between genes or 
proteins, and cell- and tissue- mechanics that drive morphogenesis. We combine biochemistry, 
molecular biology, mechanical testing, image analysis, and finite element models to seek the 
links between genetic functions and tissue mechanics to answer several questions about 
biomechanical development.  
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Figure 5. Normal neural-tube development in early (A) and late (B) stage and Neural-Tube Defects 
(C), from (Botto et al., 1999). 
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2.0  PASSIVE MECHANICAL PROPERTIES OF EMBRYONIC TISSUES 
Although embryogenesis is a dynamical biomechanical process and numerous fundamental 
questions have been raised over years, such as how molecules and proteins generate and regulate 
force, how cellular traction forces are integrated to generate bulk tissue extension forces, and 
what determine the force production and mechanical properties of the tissues. Due to the 
technical difficulties in measuring the passive mechanical properties of small embryonic tissues, 
there is very limited information available to understand the biomechanical aspect of 
development process. To close this “information-gap”, we upgrade a nano-Newton force 
measurement device which was designed to test the embryonic tissue stiffness. In this chapter, 
we investigated the contribution of tissue-level structures such as notochord, somitic mesoderm, 
endoderm, and neural plates, cellular-level structures such as ECM and cadherin, and molecular-
level components such as actin, myosin II, microtubules to the passive mechanical properties of 
dorsal isolates.  
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2.1 EXPERIMENTAL METHODS 
2.1.1 Embryos and Microsurgery  
Embryos are obtained from Xenopus laevis frogs (Kay and Peng, 1991), fertilized in vitro, 
dejellied in 2% cysteine and cultured at 14.5 - 21ºC to stage (Nieuwkoop and Faber, 1967) in 
1/3X MBS (Sive et al., 2000). For microinjection, embryos are placed in 1X MBS containing 3% 
Ficoll. Before making explants, vitelline membranes of embryos are removed with forceps (Fine 
Science Tools Inc., Foster City CA) and transferred in DFA media (Danichik's For Amy; (Sater 
et al., 1993)). Dorsal isolates are microsurgically dissected from embryos using hair loops and 
hair knives (Figure 6A). Microsurgically isolated dorsal isolate contains consistent configuration 
of tissues that represent the organization of three germ layers in an intact whole embryo (Figure 
6B and 6C).  
 
Figure 6. Microsurgery isolates dorsal isolates.  
(A) Schematic of microsurgery for creating dorsal isolates (From Dr. Lance Davidson). (B) A 
microsurgically isolated dorsal isolate (DI) and dorsal tissues within a whole embryo (WE), shown with rhodamine-
dextran (red) and fibrillar fibronectin matrix (green).   
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2.1.2 Histology, Immunocytochechistry and Confocal Microscopy 
Fibronectin staining is used to outline the tissue architecture of dorsal isolates (Figure 6C) and 
to demonstrate the reduction of fibronectin fibrils in fibronectin antisense morpholinos injected 
embryos. To stain fibronectin, explants or whole embryo are fixed in 3% TCA in 1X PBS 
(Davidson et al., 2004). Fibronectin fibrils are recognized with primary antibody mAb 4H2 
(Ramos and DeSimone, 1996) against Xenopus fibronectin (1:500) and visualized with a 
rhodamine conjugated goat anti-mouse IgG antibody (1:200, Jackson ImmunoResearch 
Laboratory, West Grove PA). After staining, the dorsal isolates are dehydrated in methanol and 
cleared in Murray's clear (Davidson et al., 2004). Fibrillin, laminin and collagen II can be fixed 
and stained following the same protocol as fibronectin, but instead are recognized with primary 
antibody mAb JB3 (1:500; Developmental Studies Hybridoma Bank; Iowa City, IA), anti-
Laminin (1:100; Sigma, St. Louis, MO) and 11-116B3 (1:200; Developmental Studies 
Hybridoma Bank; Iowa City, IA), respectively. Single optical sections and z-series of explants 
are collected with a confocal laser scan head (SP5, Leica Microsystems, Inc.) mounted on an 
inverted compound microscope (DMI6000, Leica Microsystems, Inc.) using image acquisition 
software (LASAF, Leica Microsystems, Inc.). Three-dimensional reconstruction includes 
maximal projection and reslicing of z-series stacks is carried with an image processing software 
(ImageJ v. 1.38, Wayne Rasband, NIH). 
2.1.3 nano-Newton Force Measurement Device  
The nano-Newton force measurement device (nNFMD) is used to conduct unconfined uniaxial 
compressive stress-relaxation tests to measure the time-dependent viscoelastic properties of frog 
  25 
embryonic tissues (Davidson and Keller, 2007; Moore et al., 1995). The standardized stress-
relaxation tests provide a measure of tissue residual stiffness which is independent of the sample 
shape and thus could be compared with data from other studies. The details of nNFMD has been 
described previously (Davidson and Keller, 2007). Briefly, the device (Figure 7A) uses an 
optical fiber as a force transducer and the force is calculated according to the Hooke’s law: 
𝑭𝑭 = −𝒌𝒌 ∗ 𝒅𝒅                                                                                                                                                (2-1) 
where 𝒌𝒌 is the pre-calibrated spring constant of the optical fiber and 𝒅𝒅 is the deflection of the 
fiber and is recorded by a laser-quadrant detector (UDT Instruments, Baltumore, MD). The 
relative position of the laser in x- or y-axis is determined from the quadrant detector by the ratio 
of photocurrent outputted from the four segments (Figure 7B) of the detector according to the 
following equations: 
𝑋𝑋 = (𝐴𝐴+𝐷𝐷)−(𝐵𝐵+𝐶𝐶)
𝐴𝐴+𝐵𝐵+𝐶𝐶+𝐷𝐷                                                                                                               (2-2) 
𝑌𝑌 = (𝐴𝐴+𝐵𝐵)−(𝐷𝐷+𝐶𝐶)
𝐴𝐴+𝐵𝐵+𝐶𝐶+𝐷𝐷                                                                                                               (2-3) 
where 𝑿𝑿 and 𝒀𝒀 are voltages outputted from the detector representing laser positions in x- and y-
axis, respectively, and 𝑨𝑨,𝑩𝑩,𝑪𝑪,𝑫𝑫 are the photocurrents on the four segments. The voltages are 
then converted into displacements by pre-calibrated linear voltage-displacement curve, which is 
obtained by using a closed-loop DC servo micropositioner with encoder (US Eurotek, Lakeview, 
California) to push in dicrete steps (1 µm for each step) agaist the tip of the optical fiber. The 
device was designed to measure the elastic modulus of regular blocks of tissues (Moore et al., 
1995), and to obtain regular shaped tissues, we cut dorsal isolates into a uniform size roughly 
600 µm long and 400 µm wide. Tissues are then positioned against the micropositioner-
controlled backstage and brought into contact with the force probe (Figure 7A).  
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Figure 7. nano-Newton Force Measurement Device.  
(A) nNFMD measures resistive forces generated by the explant in response to compression by a computer 
controlled optical fiber. (B) Four photosensitive segments of the quadrant detector. 
 
2.1.4 Stress-relaxation protocol 
To measure the viscoelastic properties of embryonic tissues, we use a 180-second stress-
relaxation test (Figure 8). At the start of the test the sample is compressed by 20% of its original 
length along its anterior-posterior axis. The resistive force of the tissue is collected by the force 
probe. The time changing strain of each sample is calculated from its original and final lengths 
measured from a time-lapse sequence of the tissue recorded with a CCD camera mounted on a 
stereo microscope. Immediately after each test, the sample is fixed in MEMFA solution (Sive et 
al., 2000). The transverse cross-sectional area is measured from the fixed explants photographed 
and digitized using ImageJ (v.1.38, Wayne Rasband, NIH). With measured values of the resistive 
force, cross-sectional area and strain of the sample, the Young’s modulus is calculated by: 
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𝐸𝐸 = 𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠
𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠
= 𝜎𝜎
𝜀𝜀
= 𝐹𝐹 𝐴𝐴0⁄
𝛥𝛥𝛥𝛥 𝛥𝛥0⁄                                                                                                    ( 2-4) 
where E is the time dependent elastic modulus, F is the resistive force measured during the 
stress-relaxation test, A0 is the cross-sectional area, L0 is the length of samples before 
compression and ΔL(= L0 - L180) is the change of length due to the compression.  
 
Figure 8. Stress-relaxation test measures time-dependent elastic modulus.  
(A) Tissues are first compressed 200 µm along their anterior-posterior axis. (B) The resistive force of the 
tissue then is collected by a force probe. (C) Elastic modulus is calculated according to the equation (2-4).    
 
2.1.5 Verification of the nano-Newton Force Measurement Device  
To validate the nNFMD we first tested assumptions underlying the stress-relaxation test. One 
assumption we made in equation (2-4) is that the applied strain is constant. However, due to the 
flexibility of the optical fiber, the assumption is acceptable for the last 60 seconds during 180-
second stress-relaxation tests, but the true strain is 10-30% off from the assumed constant strain 
for the first hundred seconds (Figure 9). In order to estimate the errors produced by the 
assumption, we calculated the elastic modulus by fitting the stress data resulting from variable 
strain (or true strain). 
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Figure 9. The measured time varying strain (red) and assumed constant strain (blue) of dorsal 
isolates during 180-second stress relaxation tests. 
 
According to Boltzmann superposition theory (Findley et al., 1989), for any linear 
viscoelastic material, the stress responses to successive deformations are additive, from which 
the constitutive equation of a linear viscoelastic material is derived:  
𝜎𝜎(𝑠𝑠) = ∫ 𝐸𝐸(𝑠𝑠 − 𝜏𝜏) ∙ 𝑑𝑑
𝑑𝑑𝜏𝜏
𝜀𝜀(𝜏𝜏)𝑑𝑑𝜏𝜏𝑠𝑠0                                                                                        (2-5) 
where 𝝈𝝈(𝒕𝒕),𝑬𝑬(𝒕𝒕), 𝜺𝜺(𝒕𝒕) are the time-dependent stress, elastic modulus and strain, respectively. We 
assume that the embryonic tissues exhibit linear viscoelastic behavior and that their elastic 
modulus is represented by a Standard Linear Solid (SLS) model (Findley et al., 1989):  
𝐸𝐸(𝑠𝑠) = 𝑘𝑘1 + 𝑘𝑘2 ∗ 𝑠𝑠−𝑠𝑠 ℎ⁄                                                                                                   (2-6) 
where 𝒌𝒌𝟏𝟏,𝒌𝒌𝟐𝟐,𝒉𝒉 represent a spring in parallel to a spring and dashpot in series, respectively. First, 
we fitted the strain data from experiments using a strain function, which includes a step strain 
plus an exponential curve:   
𝜀𝜀(𝑠𝑠) = 𝑠𝑠 ∗ 𝐻𝐻(𝑠𝑠) + 𝑏𝑏 ∗ (1 − 𝑠𝑠−𝑠𝑠 𝑐𝑐⁄ )                                                                                 (2-7)    
where 𝑯𝑯(𝒕𝒕) is a step function and 𝒂𝒂,𝒃𝒃, 𝒄𝒄 are constants. By substituting the equation (2-7) and 
equation (2-8) into equation (2-6), we get the following equation: 
𝜎𝜎(𝑠𝑠) = 𝑏𝑏 ∗ 𝑠𝑠−𝑠𝑠 𝑐𝑐⁄ ∗ �−𝑘𝑘1 + ℎ ∗ 𝑘𝑘2𝑐𝑐−ℎ� − 𝑏𝑏 ∗ �−𝑘𝑘1 + ℎ ∗ 𝑠𝑠−𝑠𝑠 ℎ⁄ ∗ 𝑘𝑘2𝑐𝑐−ℎ� + 𝑠𝑠 ∗ (𝑘𝑘1 + 𝑘𝑘2 ∗ 𝑠𝑠−𝑠𝑠 ℎ⁄ )      
                                                                                                                                                                                  ( 2-8) 
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Then, we estimated the parameters for the SLS model (time-dependent elastic modulus) by 
fitting the stress data from experiments using equation (2-9). Last, we compared elastic modulus 
estimated from variable strain to the elastic modulus calculated by our method. The elastic 
modulus from the two methods is very close, especially for the elastic modulus at 180 seconds 
(Figure 10), which we used for statistic analysis. 
 
 
Figure 10. Experimentally measured and fitted strain ε, stress σ, and elastic modulus E. 
(A) Experimentally measured (red) strain ε was fitted using a strain function including a step strain plus an 
exponential curve (Equation 2-8). (B) Experimentally measured (red) stress σ was fitted using (Equation 2-9). (C) 
Elastic modulus computed with real time-changing strain (red) was compared to elastic modulus calculated with 
assumed constant strain.  
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To further validate the ability of our nano-Newton force measurement device to measure 
viscoelastic properties, we measured the stiffness of a block of a known material, agarose gel, 
whose elastic modulus has been measured by frequency sweep shear tests using a rheometer 
(AR2000, TA Instruments). The stiffness of the 0.6% agarose gel (weight-volume percentage, 
0.6 g per 100ml distilled H2O) is around 30 Pascal from both measurements (Figure 11 and 
Figure 37). Thus, our device is able to accurately report the tissue stiffness in the range of very 
soft materials. 
 
 
Figure 11. Residual stiffness at 180 seconds of agarose gels in different concentration measured by nNFMD. 
 
2.1.6 Data analysis 
In preliminary studies, we found clutch-to-clutch variation in the mechanical properties of 
embryonic frog tissues (von Dassow and Davidson, 2009). To compensate for this variance, we 
typically measure and compare the tissue stiffness with control and treated explants within the 
same clutch. Statistical tests of significance are carried out either with the non-parametric Mann-
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Whitney U-test (Sokal and Rohlf, 1994) within each clutch or with two way ANOVA with 
treatment as a fixed factor and clutch as a random factor among multiple clutches using 
commercial software SPSS (v. 15, Chicago, IL). A p-value less than 0.05 is considered as 
statistically significant.  
 
2.2 RESULTS 
2.2.1 Characterize the temporal and spatial variation of stiffness in dorsal isolates 
The early gastrulation movements divide dorsal isolates into three germ layers: ectoderm, 
endoderm and mesoderm, which can be further divided into notochord and somitic tissues. These 
tissue components are tightly coupled and undergo dramatic convergent extension, which is 
driven by internal generated forces and is also determined by mechanical resistance of the tissues, 
during later gastrulation and early neurulation stages. Thus, the mechanical properties of dorsal 
isolates are essential to understand the developmental process. For instance, embryonic cells use 
neighboring cells and possibly ECM as their substrates in each type of tissues. In order to allow 
other cells to move on their surfaces, tissues must be stiff enough to resist the shear forces 
exerted on them (Keller et al., 2003). The substrates not only support cell rearrangement, but 
may also provide important microenvironment cues for cells and regulate their functions (Ghosh 
and Ingber, 2007; Paszek et al., 2005; Schwartz and DeSimone, 2008). However, nothing is 
known about the mechanical properties of ECM substrates in frog embryos. To understand the 
mechanical principles for designing frog embryos, we first need investigate the variation of 
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mechanical properties both in time and space. To estimate the stiffness of dorsal isolates, we 
apply a stress-relaxation protocol to measure the elastic modulus of the tissues along their 
anterior-posterior axis over the course of 180 seconds long enough for resistive forces to reach a 
steady state. We then investigate the temporal variation of tissue stiffness by measuring the 
stiffness of same embryonic tissues from different developmental stages and determine the 
spatial variation in tissue mechanics by measuring the stiffness of dorsal isolates whose 
architecture is microsurgically or molecularly modified.  
2.2.1.1 Mechanical properties of embryonic tissues 
Preliminary studies showed that tissues behaved like passive viscoelastic material. In order to 
understand how active biological processes played a role in regulating the viscoelastic properties, 
we needed to characterize several mechanical phenomena known to modulate biomechanical 
properties of living tissues. For instance, embryonic tissues may be hardened by pre-strain or 
may become viscous when experienced a long-term compressive force. And there may be active 
responses triggered by mechanical compressions during stress-relaxation tests. 
(a)  Pre-strain in embryo  
Since a previous study showed that pre-strain can affect the mechanical properties measured in 
chick embryonic heart tissues (Zamir and Taber, 2004b), we first evaluated the pre-strain 
presenting in dorsal isolates from frog embryos. Briefly, we selected pigment cells on the 
epithelial surface of the embryos as landmarks (Figure 12A and B). By comparing the position 
of these cells on the epithelium of the dorsal isolates before and immediately (within 60 seconds) 
after they were microsurgically removed (Figure 12A’ and B’), we found that dorsal isolates 
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contracted around 10% isometrically (Figure 12D). Thus, the pre-strain in frog dorsal isolates is 
much smaller than that in embryonic chick heart tissues and is unlikely to play a major role in 
determining the passive mechanical properties of dorsal isolates. Such contractions may be the 
immediate consequence of microsurgery (Joshi et al., 2009). Wound healing did not significantly 
change the shape of the tissue and only affected the geometry around the corners of the isolate 
(Figure 12C and C’) over the next 5 and 10 minutes.  
(b)  Long-term residual stiffness  
Previous studies indicated that dorsal involuting marginal zone tissues in early gastrulation 
stages reached a residual elastic modulus within 180 seconds (Moore et al., 1995). To validate 
that the tissue was not continuing to deform as a liquid, we applied a 540-second uniaxial 
compression test on dorsal isolates from late gastrulation and early neurulation stages and 
confirmed that the 180-second protocol was sufficient to reveal the long-term elastic response 
(Figure 13B and C). Since we computed the elastic modulus using uniaxial compression test, 
we referred to the long-term elastic modulus as stiffness for the rest of the dissertation. 
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Figure 12. Pre-strain in frog embryonic tissues. 
(A) Markers on dorsal epithelium of an intact embryo. (B) Markers on a dorsal isolate from the embryo in 
(A) within 60 seconds after microsurgery. (C) Effects of wound healing on the strain of dorsal tissues. (D) Measured 
pre-strain along anterior-posterior (AP), medial-lateral (ML) directions and area changes in the epithelium (data 
from 5 embryos and 1-3 measurements for each embryo).  
 
 
Figure 13. Long-term resistance response of dorsal isolates. 
(A) Standard Linear Solid (SLS) model consists of a spring (k1) in parallel to a spring (k2) and dashpot (η) 
in series. (B) Elastic modulus collected over 540 seconds (red) is fitted with the SLS model (blue). (C) Five 
examples of dorsal axial tissues undergo 540-second stress relaxation tests and three of them have transient active 
contractions (arrows). 
  35 
(c)  Embryonic tissues maintain viscoelastic behaviors under various loads 
From the stress-relaxation tests, we found that dorsal isolates behaved like a viscoelastic material, 
with a time independent elastic component and a time dependent viscous component (Figure 
13B). This viscoelastic response can be modeled as a Standard Linear Solid (SLS) model 
(Findley et al., 1989), which uses a spring (elasticity k1) to represent the elastic component, a 
spring (elasticity k2) and dashpot (viscosity η) in series to represent the viscous component, and 
combines the two systems in parallel to model the behavior of the viscoelastic material (Figure 
13A and B). The time-dependent elastic modulus of the SLS model is:  
𝐸𝐸(𝑠𝑠) = 𝑘𝑘1 + 𝑘𝑘2 ∗ 𝑠𝑠𝑒𝑒𝑒𝑒(−𝑠𝑠 𝜏𝜏)⁄                                                                                       (2-9) 
where 𝝉𝝉(= 𝜼𝜼 𝒌𝒌𝟐𝟐)⁄  is the relaxation time. The three parameters (k1, k2 and η) are obtained by 
fitting the SLS model to experimental data using nonlinear regression techniques (NLREG 
version 3.2; Brentwood TN). However, in the course of these analyses, we found spontaneous 
mechanical contractions lasting 60 to 90 seconds (Figure 13C). Spontaneous contractions have 
been noted in other studies in our lab (von Dassow and Davidson, 2009) and are thought to 
reflect rapid epithelial contractions (Joshi et al., 2009). The presence of these contractions 
compromised the fitting curves and often produced inconsistent errors in the fitted parameters, so 
we decided to use the long-term residual tissue stiffness, E(180), instead of fitted SLS parameters 
to compare the mechanical properties and to compute the statistical significance between control 
and treated groups.    
Since embryonic tissues have been proposed to be mechanosensitive (Ingber, 2006), it 
has been suggested that embryonic tissues may deviate from viscoelastic behaviors after repeated 
compressions or under different strains. In order to test the mechanical behavior of dorsal isolates 
in various mechanical loadings, we first applied five repeated 180-second compressions with 
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identical 20% strain to the tissues (Figure 14A) and found that tissues became slightly stiffer 
under repeated compressions, but still remained viscoelastic (Figure 14B). We then applied 60-
second uniaxial compression test with a step increasing strain (Figure 15A) and found that, 
although tissues increased elastic modulus under larger strain, they still behaved like a 
viscoelastic material (Figure 15B and C). We did not find evidence of an active cellular or tissue 
response to these differing strain protocols.    
 
Figure 14. Dorsal isolates maintain viscoelastic under repeated compressions. 
(A) Repeatedly applied strain. (B) Four examples of dorsal isolates became slightly stiffer, but remained 
viscoelastic under repeated compression. 
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Figure 15. Dorsal isolates maintain viscoelastic under step-increasing strain. 
 (A) A step increasing strain with 60-second interval. (B) Elastic modulus under increasing strain. (C) Five 
examples of strain-stress curves of dorsal isolates. 
2.2.1.2 Dorsal axial tissues stiffen during axial elongation 
The 3D architecture of dorsal isolates is significantly remodeled during convergent extension. 
However, it is unknown whether the structure remodeling would result in the changes of their 
mechanical properties. A previous study (Moore et al., 1995), which focused on two specific time 
points during early gastrulation, has shown that involuting marginal zone tissue (stage 10+) 
became stiffer after moving around the blastopore lip (stage 11.5). To determine whether dorsal 
isolates continue to increase their stiffness as they elongate and begin neural tube closure. We 
measured the stiffness of dorsal isolates at several stages from mid gastrulation (stage 11) to 
early neurulation (stage 21). The stiffness of dorsal isolates from the same clutches, groups of 
eggs produced from the same female, were compared, since large variance in tissue stiffness had 
been found between clutches (von Dassow and Davidson, 2009). By comparing the tissue 
stiffness of different developmental stages, we found that dorsal isolates increased their stiffness 
6- to 8-fold over as little as 8 hours (Figure 16A). However, even though stiffness of Xenopus 
embryonic tissues increases, it remains very compliant in comparison to most adult tissues 
(Figure 16B).   
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Figure 16. Dorsal isolates stiffen during axial elongation.  
(A) Stiffness increases as dorsal axis tissues elongate. (B) Frog embryonic tissues are compliant compared 
to most adult tissues (Table from Levental et al., 2007). 
2.2.1.3 Notochord does not contribute to the stiffness of dorsal isolates 
Notochord is thought to play a major role in convergent extension in the early gastrula and 
straightening of the embryo at the tail-bud stage. Additionally, a stiff notochord has been 
proposed to support the embryo during axial elongation. To determine the contribution of 
notochord to the stiffness of dorsal isolates during axial elongation, we measured the stiffness of 
dorsal explants containing different amounts of notochord. We were able to microsurgically 
create explants lacking the notochord as well as explants with two or more notochords. To make 
the explants without a notochord, we cut the notochord from the tissue along the midline of 
dorsal explants by hair-knives. Then the left and right half tissues healed together to form a 
single explant (Figure 17). To make the explants with two notochords, we recombined two half 
explants, each of which contained one notochord (Figure 17). To rule out the possibility that 
microsurgery changed the tissue stiffness, ‘sham-operated’ control explants were prepared by 
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splitting intact dorsal axial tissue near the midline axis and allowing the two parts to heal 
together. Sham control explants, explants with two-notochord and explants without notochord 
were still able to elongate at similar rates as intact control explants (Figure 18A and B). To 
further confirm the success of our microsurgeries and assess the tissue structure, we stained 
fibronectin fibrils, which locate at the boundaries of notochord and other major germ layers in 
dorsal isolates. Fibronectin outlined the architecture of these explants and showed our 
microsurgeries were successful.  
 
Figure 17. Microsurgically create explants containing various tissues.   
Figure shows how to create explants with two notochords (2 notochords), explants only contain lateral 
mesoderm (LL), explants contain both lateral and medial mesoderm (LMML), explants without endoderm (no 
endoderm), and explants without neural plate (no ectoderm) from intact dorsal isolates (control). 
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Figure 18. Mechanics of the notochord.  
(A) Schematic of explants with various amount of notochord. (B) Explants with two-plus and zero-
notochord elongate the same as control explants. (C) Maximum projection of confocal sections of fibronectin fibrils 
illustrates the transverse architecture of tested explants (note: dorsal is up). (D) The stiffness of explants with zero-
notochord is compared to either the stiffness of explants with two-plus notochord or the stiffness of explants with 
two-notochord (D’). 
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To determine the mechanical role of notochord, we first measured the stiffness of 
explants with different amount of notochord and found that ‘explants with two notochords’ (later 
we figured out that they were in fact explants with two-plus notochords) were at least two-fold 
stiffer than explants without notochord (or zero-notochord, Figure 18D). However, by closely 
checking the structures of these explants staining fibronectin fibril, we found that ‘explants with 
two notochords’ contained an extra fragment of notochord-adjacent medial paraxial mesoderm 
(Figure 18C), and we referred these explants as explants with “2+” (or “two-plus”) notochords. 
To make the explants which contain only two notochords, we again prepared two-notochord 
explants by using extra fine hair-knives which allow us to isolate the notochord at the precise 
boundary between the notochord and paraxial mesoderm. Subsequent fibronectin fibril staining 
confirmed that we completely removed the central fragment of paraxial mesoderm found in the 
“2+” notochords case. We referred these explants as explants with two notochords below (Figure 
18C). In contrast to the results with  “2+” notochords, we found no significant difference in the 
tissue stiffness between explants with two notochords and explants without notochord (Figure 
18D’), which suggested that the notochord was not a major contributor to the tissue stiffness.  
To confirm the surprising results, we used an alternative method to create explants 
containing extra notochord tissue by ruling out the effects of microsurgical recombination. The 
alternative strategy (Figure 19A) to increase the size of the notochord is to molecularly induce 
additional notochord tissue by treating explants with lithium chloride (LiCl), which is commonly 
used to alter the early patterning of embryonic cells and to dorsalize the embryos to generate 
larger field of notochord tissue (Kao et al., 1986). The degree of dorsalization was scored 
according to the Dorsal-Anterior Index (Stewart and Gerhart, 1990). By controlling the timing of 
0.3 M LiCl treatment, we were able to consistently induce DAI 7/8 embryos (Figure 19B), 
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which contain doubled amounts of notochord tissue compared to control explants. The amount of 
the notochord was first estimated by using fibronectin fibril staining to outline the notochord 
boundary (Figure 19D) and was then confirmed by the gene expression of chordin (Figure 19C), 
a specific marker for notochord tissues, using RNA in situ hybridization. Both of the methods 
showed that dorsalized embryos contain almost two-fold larger notochord tissues (Figure 19C 
and D). Neither dorsalized embryos nor dorsal explants from these embryos could elongate as 
control embryos or explants (data not shown). We measured the stiffness of explants containing 
larger notochord tissue and found that there was no significant difference in tissue stiffness 
between dorsolized and control explants (Figure 19E), which confirms that notochord is not a 
major contributor to dorsal tissue stiffness in gastrula and neurula stage embryos.  
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Figure 19. Confirmation of the mechanical contribution of notochord.  
(A) LiCl generates super-large notochords in dorsal explants as shown in (B). (C) Chordin RNA in situ 
showing increased notochord within dorsal isolates made from DAI 7 to 8 embryos. (D) Transverse confocal section 
of a rhodamine dextran-labeled (red) and fibrillar fibronectin labeled (green) dorsalized embryo reveals enlarged 
notochord (no). (E) Comparison of stiffness of dorsal isolates with LiCl to dorsal isolates made from untreated 
control explants reveals no significant difference.  
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2.2.1.4 Paraxial mesoderm contributes to the stiffness of dorsal isolates 
Since both physical and molecular methods revealed that notochord did not make significant 
contribution to tissue stiffness in late gastrulation, while explants with two-plus notochords were 
significantly stiffer than explants without notochords (Figure 18D’), we suspected that the 
paraxial somitic mesoderm might make a large contribution to the dorsal tissue stiffness. To 
directly test the contribution of paraxial somitic mesoderm to the tissue stiffness, we compared 
the stiffness of explants containing only lateral mesoderm (LL, Lateral-Lateral dorsal isolates) to 
explants containing only medial mesoderm (MM, Medial-Medial dorsal isolates). To make the 
LL and MM explants, we first used fine hair knives to remove the notochord from dorsal isolates 
at both the left and right notochord-somitic boundary, and then split the remaining two Lateral-
Medial tissues (left side and right side of the dorsal isolates) into lateral and medial alone 
fragments. Last, we recombined the two lateral fragments to form LL and the two medial 
fragments to form MM explants (Figure 16). The structures of the LL and MM explants were 
confirmed by fibronectin fibril staining, which showed that MM explants had much thicker 
mesoderm, but much less endoderm tissues than LL explants (Figure 20A and B). The medial 
identity of MM explants were further confirmed by the expression of a prospective muscle 
marker XmyoD (Hopwood et al., 1989), which is only expressed in medial mesoderm, but not in 
lateral mesoderm (Figure 20C). The LL and LMML (containing both lateral and medial tissues) 
were still able to elongate at the similar rate as intact control dorsal isolates (Figure 20D). By 
measuring the stiffness of LL and MM explants, we found that the MM explants were 
significantly stiffer than LL explants (Figure 20E), which suggested that paraxial somitic 
mesoderm was much stiffer than other tissues in dorsal isolates.      
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Figure 20. Mechanics of paraxial pre-somitic tissues.  
(A) Schematic explants with paraxial tissues (LMML) and with only paraxial lateral tissues (LL). (B) 
Fibronectin staining of LMML and LL in transverse sections. (C) XmyoD expression in paraxial-medial (red). (D) 
LMML and LL elongate to the same degree as control explants. (E) MM explants are significantly stiffer than LL 
explants. 
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2.2.1.5 Different germ layers have different stiffness 
Since germ layer cells demonstrate different cell behavior and possible different cellular 
mechanics (Keller et al., 2000a; Krieg et al., 2008), we strongly expected that the tissue 
mechanics may also be different. Furthermore, LL and MM explants contain not only different 
amounts of lateral and medial mesoderm, but also different amounts of neural and endoderm 
tissues (Figure 21B). To evaluate the contribution of neural and endoderm tissues to the stiffness 
of LL and MM explants, we also need to evaluate the stiffness of these tissues. Since each single 
germ layer is too thin to test using our nNFMD, we measured explants lacking one specific layer. 
To determine the mechanical contribution of the endoderm and neural plate layers, we measured 
the tissue stiffness of explants whose endoderm and neural plate is removed, respectively, and 
compared their stiffness to the intact control dorsal isolates. The architecture of the no-endoderm 
and no-neural-plate explants was confirmed by rhodamine dextran labeling, which labeled the 
cells and showed that these explants either lack endoderm or neural plate (Figure 22A). By 
comparing the no-neural-plate explants to control dorsal isolates, we found the stiffness of 
explants lacking a neural plate were not significantly different from control explants (Figure 
22B). In a parallel set of experiments, we removed endoderm and compared the stiffness of no-
endoderm explants to control dorsal isolates. We found that no-endoderm explants were 
significantly stiffer than control intact explants (Figure 22C), which suggested that endoderm 
was much more compliant than other tissues.    
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Figure 21. Contribution of endoderm and neural plate to dorsal tissue stiffness.  
(A) Transverse sections of schematic (left) and rhodamine dextran-labeled explants (right) of no-endoderm 
and no-neural plate. (B) Explants without neural plate are not significantly different from control explants.  (C) 
Explants without endoderm is much stiffer than control explants. 
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2.2.1.6 Composite model estimates the contributions of individual tissue components 
Due to the design limitations of our current nano-Newton force measurement device, the uniaxial 
stress relaxation tests require samples to have regular shapes and to reach certain width and 
thickness. We could not test any individually isolated components such as notochord, endoderm 
and mesoderm alone, so we instead iteratively tested explants with one type of tissues removed. 
In the previous section, we qualitatively evaluated the stiffness of particular component by 
applying the following rules: if a soft tissue is removed, then the remaining explants would be 
stiffer; if a stiff tissue is removed, then the remaining explants would be softer; if a component 
which has similar stiffness to the mean value of others, then the remaining explants would be no 
change. In order to get more quantitative evaluation of the stiffness of each component, we 
applied a mechanical model which is based on superposition principles of composite structures 
(Christensen, 1991). In this model, each tissue is modeled as a spring and the total dorsal isolate 
is represented by the sum of parallel springs (Figure 22B). The total force (product of cross-
section area and the elastic modulus) is evenly distributed on each component:    
EDIADI= EnotoAnoto + EsomiteAsomite + EendoAendo + EectoAecto                                            (2-10) 
where EDI is the total stiffness of dorsal isolate, ADI is the total area of the dorsal isolate, Enoto, 
Esomite, Eendo and Eecto are the stiffness of notochord, somite, endoderm and ectoderm tissue, 
respectively. Anoto, Asomite, Aendo and Aecto are the area of notochord, somite, endoderm and 
ectoderm tissue, respectively. Two examples are shown to estimate the stiffness of endoderm and 
notochord, respectively (Figure 22C and D). To estimate the Eendo (Figure 22C), we have: 
Eno.endoAno.endo = EDIADI – Eendo Aendo                                                                               (2-11) 
where Eno.endo  and Ano,endo are the stiffness and area of the explants without endoderm tissue, 
respectively. By rearranging the equation (2-11), we have: 
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Eendo= (EDIADI – Eno.endoAno.endo) /Aendo                                                                                                                (2-12) 
Both EDI and Eno.endo were directly measured in our experiments and the area of each tissue 
component in dorsal tissues was measured in fibronectin fibril stained confocal sections (Figure 
22A).  
With the both qualitative and semi-quantitative methods, we found that there was large 
spatial variation in tissue stiffness. We estimate that endoderm is the softest tissue with stiffness 
2 to 11 Pa and ranges from 6 to 22% stiffness of the intact dorsal isolates. The paraxial 
mesoderm is the stiffest tissue with stiffness 70 to 140 Pa and typically ranges from 140 to 170% 
stiffness of the intact dorsal isolates. The notochord and neural plate lay between endoderm and 
mesoderm with stiffness 40 to 60 Pa, which is similar to the stiffness of intact dorsal isolates. 
More advanced devices, which could directly measure smaller or thinner fragments of dorsal 
tissues, are required to more accurately evaluate the spatial variation in tissue stiffness.   
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Figure 22. Quantitative evaluation of the stiffness of each component.  
(A) The dorsal isolate is composed of notochord (no), paraxial-medial mesoderm (med.mes), paraxial-
lateral mesoderm (lat.mes), neural plate and endoderm. (B) The relative area contributions of these five tissues are 
measured from transverse confocal optical sections from rhodamine-dextran-labeled cells (red) and fibronectin 
fibril-labeled tissue boundaries (green). The gray line overlay indicates the boundaries between these regions. The 
schematic on the right highlights the structural elements present in this confocal section. (C) Force applied on 
explants is distributed to each component. (D) Equations to estimate the stiffness of endoderm or notochord (E). 
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2.2.2 Evaluate the contribution of cellular structures to tissue stiffness 
Cells, extracellular matrix, cell adhesions are the basic building blocks of dorsal tissues and their 
interactions are likely to determine the responses of tissues to external loads. In our working 
model, solid-like cells contribute to the stiffness of whole tissues; ECM mechanics affects the 
tissue stiffness; and cadherin-based cell-cell adhesion contributes to the tissue stiffness by 
working as “glue” to stick cells together. Since ECM and cadherin are inter-connected via the 
actomyosin network through integrin-based cell-ECM adhesion and cadherin-based cell-cell 
adhesion, they may also play important signaling roles in coordinating mechanical support. For 
example, fibronectin can modulate cadherin mediated adhesive activity through integrins 
(Marsden and DeSimone, 2003). Additionally, cell-cell and cell-ECM adhesion may be coupled 
together through a cortical actin network (Skoglund et al., 2008). Actomyosin is regulated by 
multiple pathways, such as PCP signaling, microtubule network and C-cadherin (Habas et al., 
2003; Kwan and Kirschner, 2005; Tao et al., 2007). Both cell-cell and cell-matrix adhesion may 
regulate cytoskeletal effectors through Rho family GTPases (Arthur et al., 2002).  
Upstream signaling pathways such as planar cell polarity (PCP) pathway may pattern the 
cellular stiffness and traction forces through cytoskeletal effectors to drive the tissue deformation, 
so it is important to study how the cytoskeletal effectors affect tissue stiffness. The studies are 
also an essential step to reveal the molecular mechanism underlying spatial and temporal 
variation present in tissue stiffness. In order to reveal the roles that cells, extracellular matrix, 
and cell adhesions play in determining tissue mechanics, we investigated the contribution of 
molecular and cellular structures to tissue stiffness by measuring the stiffness of dorsal isolates 
whose subcellular or cellular structures had been biochemically or molecularly modified. Live-
cell imaging techniques or whole embryo histology were used to assess the specific effects of the 
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small molecule inhibitors or anti-sense treatment of cytoskeletal effectors such as actin, 
microtubules, and intermediate filaments, C-cadherin, or ECM such as fibronectin, laminin, and 
fibrillin.  
2.2.2.1 Extracellular matrix does not contribute to the stiffness of dorsal isolates 
ECM has been shown to dominate the mechanical properties of most adult tissues and to play a 
significant signaling role in convergent extension (Davidson et al., 2004; Davidson et al., 2006; 
Marsden and DeSimone, 2001; Skoglund et al., 2006; Skoglund and Keller, 2007). To determine 
the mechanical role of fibronectin in contributing to the tissue stiffness, we measured the 
stiffness of the dorsal tissues with reduced levels of fibronectin fibrils and compared their 
stiffness to that of control explants. To knock down the levels of fibronectin fibrils assembled in 
dorsal tissues, we injected one-cell stage embryos with a mix of two antisense morpholino 
oligonucleotides (FNMO, 6µM each embryo) directed against the 5’ start of the two fibronectin 
pseudoalleles. Morpholinos are an antisense technology that works by blocking small sequences 
of RNA, so no protein is synthesized from the RNA. The reduction of fibronectin fibril levels in 
FNMO injected embryos was confirmed by staining the fibronectin fibrils with antibody 4H2 
and comparing their expression levels to MO control explants, which were obtained from 
embryos injected with standard control morpholino (Gene Tools, LLC, Philomath, OR). The dose 
of FNMO used has been shown to reduce fibronectin synthesis and assembly, while allowing the 
injected embryos to gastrulate and develop through neurulation stages with a short dorsal trunk 
(Davidson et al., 2006).  
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Figure 23. Role of ECM in tissue stiffness.  
(A) Transverse sections of fibronectin (FN), laminin, and fibrillin (notochord, n; somitic mesoderm, s). (B) 
The stiffness of FNMO does not differ from uninjected explants at either stage 13 or at stage 16.  (C) Maximum 
projections and intensity profiles (C’) of FNMO show severe reduction in fibronectin fibrils and defects in assembly 
of fibrillin and laminin compared with control explants sectioned with identical confocal settings. Intensity profiles 
collected mediolaterally across the midline (transparent line in C).  
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There are three types of ECM assembled in Xenopus embryos during late gastrulation and 
early neurulation. Transverse sections of fibronectin (FN), laminin (LAM), and fibrillin (FIB) 
showed that FN surrounded both notochord, paraxial-medial, and paraxial-lateral mesoderm, 
while LAM and FIB were only beginning to be assembled around notochord and paraxial-medial 
mesoderm (Figure 23A). Maximum projections of FN, LAM, and FIB of FNMO-injected dorsal 
isolates demonstrated that injecting FNMO not only reduced the level of fibronetin assembly, but 
also decreased the levels of fibrillin and laminin in comparison to uninjected control explants 
sectioned with identical confocal settings (Figure 23C). To quantitate the reduction of the matrix, 
intensity profiles were collected mediolaterally across the midline of notochord and paraxial-
medial mesoderm (Figure 23C). We found that injecting FNMO reduced the level of fibrillar 
fibronetin by 60%, fibrillin by 22% and laminin by 29% (Figure 23C’).  
However, reducing the level of ECM did not change the tissue stiffness in late gastrula 
dorsal tissues (stage 13, Figure 23B). To confirm the surprising results, we compared the 
stiffness between control and FNMO-injected explants in stage 16 embryos, which belong to 
early neurulation stages and contain more assembled FN. Again, we did not find any significant 
difference between control and FNMO-injected dorsal isolates in stage 16 dorsal isolates (Figure 
23B). From these tests we conclude that ECM is not a major contributor to the stiffness of early 
embryonic tissues. This result might have been expected since medial tissues such as notochord, 
which contains the bulk of ECM accumulatd at these stages, does not contribute strongly to the 
tissue stiffness (see Section 2.2.1.3).  
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2.2.2.2 Role of Cadherin in regulating the stiffness of dorsal isolates 
C-cadherin is the major cadherin type in Xenopus embryos during late gastrulation and early 
neurulation and is essential to maintain tissue integrity either by directly connecting cells or by 
indirectly regulating the cortical actin cytoskeleton through p120 catenin (Tao et al., 2007). 
Mutant cadherin proteins containing only Catenin-Binding Region (CBR) showed a decrease in 
the cell-cell adhesion and even caused cell dissociation at high levels (Espeseth et al., 1998; 
Kintner, 1992; Riehl et al., 1996). The challenge of studying C-cadherin is that both dominant 
negative mutant and overexpression of C-cadherin disrupt convergent extension at very early 
stages (Lee and Gumbiner, 1995). To overcome this early lethal effect, we developed a hormone 
inducible system which fuses CBR to a ligand binding domain of the human glucocorticoid 
receptor (CBR-GR). The fusion protein keeps the dominant negative cadherin in an inactive state 
by complex formation with hsp90 and can be rapidly activated by dissociation of hsp90 induced 
by dexamethasone (DEX) (Kolm and Sive, 1995; Scherrer et al., 1993; Tsai and O'Malley, 1994; 
Wheeler et al., 2000). Theoretically, this technique could allow us to inject inactive dominant 
negative cadherin into embryos at one cell stage and activate the mutant construct at later stages 
by adding DEX.  
We injected CBR-GR in one-cell stage embryos, added DEX at stage 13, and measured 
the stiffness of dorsal isolates from the injected embryos at stage 16. We found that CBR-GR 
injected dorsal isolates were less stiff than control uninjected explants (8 treated and 8 control 
explants from one clutch, Appendix A). However, we only detected the reduction in tissue 
stiffness of treated explants in one single case. In most clutches, the same doses of CBR-GR 
could not induce similar phenotype in frog embryos. The reason for the unstable effects of CBR-
GR may be because the construct could not disrupt enough C-cadherin since it was initially 
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designed to change the levels of transcription factors, but not structure proteins like cadherin, 
which are present in higher amounts in cells than transcription factors. We also found that CBR-
GR produced similar phenotypes of embryos in the absence of DEX (Figure 24), which 
suggested that the GR domain may be “leaky” and allow function of the CBR even without DEX. 
Continued efforts are needed to refine this technique or to adapt new methods to acutely control 
cell-cell adhesion.  
 
Figure 24. Effects of CBR-GR on embryos. 
 
2.2.3 The contribution of the cytoskeleton to tissue stiffness 
It is postulated that the tissue stiffness is largely dependent on the stiffness of individual 
constituent cells (Gibson and Ashby, 1988; Gibson and Ashby, 1997). Furthermore, cadherin-
mediated cellular adhesive force has been shown to be much larger than the force needed to 
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deform the individual cells, which indicates that the stiffness at tissue level mainly represents the 
stiffness of individual cells (Keller et al., 2003; Moore et al., 1995). The mechanical properties of 
the cells are regulated by structural networks such as actin cytoskeleton (Elson.,1988), 
actomyosin contractility (Martens and Radmacher, 2008), microtubule (Rodriguez et al., 2003), 
intermediate filaments (Wang and Stamenovic, 2000), and associated proteins. Many signaling 
pathways, such as the PCP pathway, are thought to pattern the tissue mechanics by modulating 
the cytoskeletal effectors through small GTPase molecules such as Rho, Rac and cdc42 (Habas et 
al., 2003; Tahinci and Symes, 2003). To investigate the contribution of cytoskeletal proteins to 
the stiffness of dorsal isolates, we altered the subcellular structures using acutely acting 
inhibitors and studied the dosage-response of stiffness to these inhibitors.  
2.2.3.1 Actin cytoskeleton dominates the stiffness of dorsal isolates 
As the mechanical properties of both living cells and early blastula embryos are dominated by 
the actin cytoskeleton (Ananthakrishnan et al., 2006; Valentine et al., 2005; Wakatsuki et al., 
2001), we first tested the role of F-actin in determining tissue mechanics. To evaluate the 
contribution of F-actin to tissue stiffness, we measured the stiffness of dorsal tissues whose actin 
cytoskeleton network was decreased by incubating 20 minutes in 0.3, 0.6, and 1.2 µM latrunculin 
B (LatB), which depolymerizes F-actin and has previously been shown to decrease the cell 
stiffness in vitro (Wakatsuki et al., 2001). We found that 20-minute LatB treatment decreased 
tissue stiffness up to 70% in a dose-dependent manner demonstrated by the ratio between the 
stiffness of treated explants and that of control explants (Figure 25). The results suggested that 
F-actin regulated the tissue stiffness in embryonic tissues. Although an alternative explanation to 
the results would be that disruption of actin cytoskeleton reduces the tissue stiffness by 
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decreasing the assembly of ECM (Davidson et al., 2008). However, since our previous results 
indicated that reducing fibronectin fibrils did not change the tissue stiffness, we concluded that it 
was reduced levels of F-actin, but not fibronectin fibrils that reduced tissue stiffness. 
 
Figure 25. Treatment of explants with latB reduced tissue stiffness in a dose-dependent manner. 
 
To test the reversibility of LatB treatment on dorsal isolates, we repeatedly measured the 
stiffness of the same tissue before treatment (E0), immediately after 20 minutes 0.6µΜ LatB 
treatment, and every half hour in next three hours after LatB was washed out. We found that the 
stiffness of the dorsal isolates did not fully recover after LatB treatment (Figure 26A) which 
suggested that, when dorsal isolates were treated with LatB, the treatment on tissue stiffness was 
not reversible.  
Since LatB treatment on actin assembly and actin dymanics was found to be reversible in 
whole embryos (Personal communication with Hye Young Kim), we tested the reversibility of 
LatB treatment on tissue stiffness in whole embryos by comparing the stiffness of dorsal isolates 
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between control and LatB-treated embryos after LatB was washed out. We found that there was 
no significant difference in the stiffness between control explants and explants cut from embryos, 
who were transiently treated with LatB for 20 minutes and allowed to recover for 1, 4, and 6 
hours (Figure 26B). The results suggested that, when whole embryos were treated with LatB, the 
treatment was reversible. The live imaging of F-actin confirmed that the LatB treatment on actin 
network was irreversible when LatB was applied to dorsal explants, but was reversible when 
LatB was applied to whole embryos (work by Hey Young Kim). It is not clear what factors are 
responsible for the discrepancy of reversibility between tissues and embryos.  
 
 
Figure 26. Recovery of LatB treatment.  
(A) Tissue stiffness did not recover when LatB treated on isolated dorsal isolates demonstrated by the ratio 
of tissue stiffness before and after LatB treatment. (B) Tissue stiffness recovered when LatB treated on whole 
embryos (8 control and 8 treated explants for each measurement, all explants from single clutch embryos).  
 
Since reduction in F-actin decreased tissue stiffness, we suspected that increase in F-actin 
would increase tissue stiffness. In order to elevate the F-actin density, we treated dorsal tissues 
with Jasplakinolide, which is a potent inducer of actin polymerization and has been demonstrated 
to stabilize actin filaments (Bubb et al., 1994; Bubb et al., 2000). However, by testing 33 treated 
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and 34 control untreated explants from 4 clutch embryos, we found that polymerization of actin 
cytoskeleton by 1-3 µM Jasplakinolide for 60 minutes did not increase the tissue stiffness and 
may decrease the stiffness at very high concentration (10 µM for 40 minutes, Appendix A). 
Interestingly, combined treatment of Jasplakinolide and LatB showed that Jasplakinolide 
increased the stiffness of dorsal isolates, whose actin cytoskeleton was first decreased by LatB (8 
explants treated with LatB alone, 9 explants treated with Jasplakinolide and LatB, all explants 
from one clutch embryos, Appendix A).  
2.2.3.2 Myosin II contractility regulates the stiffness of dorsal isolates 
Since myosin II contractility plays a key role in cell mechanics (Nagayama et al., 2004; 
Stamenovic, 2005a) and is thought to regulate the convergent extension movements and neural 
tube closure (Rolo et al., 2009; Skoglund et al., 2008), we tested the role of myosin II 
contractility in tissue mechanics by comparing the stiffness of control explants to the dorsal 
isolates treated with 60 minutes Y27632. Y27632 inhibits myosin II contractility by inhibiting 
Rho kinase (ROCK) through phosphorylation of regulatory light chains (Uehata et al., 1997). We 
found that treatment of tissues with Y27632 reduced tissue stiffness in a dose-dependent manner 
(Figure 27C), which suggested that myosin II contractility regulated the tissue stiffness. 
Interestingly, although Y27632 reduced tissue stiffness up to 50%, the treated dorsal isolates 
were still able to elongate at the same rates as control explants. Moreover, we did not detect any 
defects in Y27632-treated embryos until very late stages (Figure 27A and B), which suggested 
that reducing the tissue stiffness by Y27632 did not disrupt the morphogenetic movements of 
early embryos.  
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Figure 27. Contribution of myosin II contractility to tissue stiffness.  
(A) Control untreated embryos and embryos treated with Y27632 since late gastrula (B) showed that 
Y27632 did not affect morphogenetic movements. (C) Y27632 reduced tissue stiffness in a dose-dependent manner. 
 
Since decreasing actin cytoskeleton or myosin II contractility by LatB and Y27632, 
respectively, both reduced tissue stiffness, we then tested which component dominated the tissue 
mechanics. By combining the treatment of LatB and Y27632 together, we found that LatB 
further significantly decreased the stiffness of Y27632 pre-treated dorsal tissues, while Y27632 
only slightly reduced the stiffness of LatB pre-treated tissues (Figure 28). The results suggested 
that actin cytoskeleton dominated the tissue stiffness and that an intact F-actin network was a 
pre-requisite for myosin function.  
Since reduction in myosin II contractility decreased tissue stiffness, we suspected that we 
could increase the tissue stiffness by increasing myosin II contractility. However, treatment of 
dorsal isolates with 20-30 minutes 40 nM calyculin A, which activates the myosin II contractility 
  62 
by inhibiting myosin light chain phosphatase (Ishihara et al., 1989), failed to increase the tissue 
stiffness (9 treated explants and 8 control untreated explants from one clutch embryos, Appendix 
A). Again, combined treatment of calyculin A and Y27632 showed that calyculin A slightly 
increased the stiffness of dorsal isolates, whose myosin II contractility was first decreased by 
Y27632 (18 explants treated with Y27632 alone, 18 explants treated with calyculin A and 
Y27632, explants from two clutch embryos, Appendix A).  
 
Figure 28. Actin cytoskeleton dominated the tissue stiffness. 
 
2.2.3.3 Depolymerizing microtubules increases the stiffness of dorsal isolates 
Microtubules have been shown to regulate the convergent extension in Xenopus embryos (Kwan 
and Kirschner, 2005; Lane and Keller, 1997), but their role in determining cellular mechanics is 
still not clear (Stamenovic, 2005b), so we decided to test the affects of microtubules on tissue 
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mechanics. To investigate the contribution of microtubules to the tissue stiffness, we measured 
the stiffness of dorsal isolates treated with 40 minutes 50 µM nocodazole, which depolymerize 
the microtubules (Keller et al., 1984; Tomasek and Hay, 1984), and compared their stiffness to 
that of control explants. It was very surprising that dorsal isolates treated with nocodazole 
dramatically increased stiffness up to 2 to 3 folds (Figure 29A). However, we found that taxol, 
which stabilizes the microtubules (Danowski, 1989; Schiff and Horwitz, 1980), did not 
significantly change the tissue stiffness (Figure 29B). 
 
Figure 29. Contribution of microtubules to tissue stiffness. 
(A) Depolymerizing microtubules with 50 µM nocodazole (noc) dramatically increased tissue stiffness. (B) 
Stabilizing microtubules with 23 µM taxol did not significantly change tissue stiffness. 
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2.2.4 Mechanism underlying the regulation of actomyosin contractility by microtubules  
Previous studies have shown that disruption of microtubules increased the actin assembly and 
myosin II contractility (Danowski, 1989; Enomoto, 1996). However, there are at least two 
models proposed to explain how microtubules and actomyosin contractility interact (Danowski, 
1989). Disruption of microtubules may increase the actomyosin contractility through a 
mechanical model (Wang et al., 2001) or through factors bound to microtubules (Danowski, 
1989).  
2.2.4.1 GEF-H1 is necessary to increase tissue stiffness 
To determine the mechanism underlying nocodazole-mediated increase in tissue stiffness, we 
first molecularly de-coupled signaling from the microtubules to actomyosin network by blocking 
the function of Xlfc, which is a Xenopus laevis homolog to Rho GEF-H1 and a molecular linker 
between microtubules and actomyosin network (Krendel et al., 2002). Xlfc contains a C1/zinc-
binding region, a Dbl-homology domain, a pleckstrin-homology domain, and a coiled-coil region 
(Kwan and Kirschner, 2005). The C1/zinc-binding region and the Dbl-homology domain are 
responsible for binding the microtubule and for exchanging guanine nucleotide to activate Rho-
family GTPases, respectively (Krendel et al., 2002; Kwan and Kirschner, 2005). Xlfc had 
already been cloned to study its role in gastrulation. Anti-sense Xlfc morpholinos (Xlfc-MO) has 
been demonstrated to knock-down Xlfc in Xenopus (Kwan and Kirschner, 2005). We found that 
Xlfc-MO completely blocked nocodazole-induced stiffening (Figure 30A), suggesting that the 
tissue-scale mechanical consequences of nocodazole are due to signaling rather than the 
mechanical properties of microtubules. Decreasing the levels of Xlfc by injecting Xlfc-MO did 
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not change the tissue stiffness as demonstrated by comparing the stiffness between Xlfc-MO 
injected and control morpholino injected dorsal isolates (Figure 30B). 
 
Figure 30. GEF-H1 is necessary to increase tissue stiffness.  
(A) Xlfc morpholinos (Xlfc-MO) blocked nocodazole-induced tissue stiffening. (B) Xlfc-MO itself had no 
effects on tissue stiffness. 
 
2.2.4.2 GEF-H1 is sufficient to increase tissue stiffness 
To test whether Xlfc is sufficient to increase tissue stiffness, we compared the tissue stiffness 
between control explants and dorsal isolates injected with C55R, which is a constitutively active 
form of Xlfc lacking the nucleotide exchange activity due to a mutation in C1/zinc-binding 
region (Kwan and Kirschner, 2005). It is difficult to isolate dorsal isolates from high doses (250 
pg C55R mRNA per embryo) of C55R injected embryos, which showed severe gastrulation 
defects, so we reduced the amount of C55R mRNA to 175 pg per embryo to allow us to reliably 
obtain dorsal isolates from embryos with less severe defects (Figure 31A). We found that C55R 
injected dorsal isolates were 2- to 3-fold stiffer than control un-injected explants in absence of 
nocodazole (Figure 31B), which suggested that Xlfc was sufficient to increase tissue stiffness. 
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Figure 31. GEF-H1 is sufficient to increase tissue stiffness. 
 (A) Low-dose C55R induced minor defects. (B) C55R significantly increased the tissue stiffness in the 
absence of nocodazole.  
 
2.2.4.3 Microtubules do not mechanically contribute to tissue stiffness 
While Xlfc mediates nocodazole-induced tissue stiffening, it is still unknown whether 
microtubules mechanically contribute to the tissue stiffness, since microtubules could both 
mechanically and molecularly regulate the tissue stiffness. To determine the mechanical role of 
microtubules, we tested the effects of nocodazole on dorsal isolates whose Xlfc function was 
completely blocked by Xlfe-MO. We found that nocodazole did not increase the stiffness of 
Xlfc-MO injected tissues (Figure 32), which demonstrates that depolymerization of 
microtubules alone does not change tissue stiffness. Therefore, the mechanical consequences of 
nocodazole are not due to the mechanical function of microtubules, but to their role in 
sequestering a signaling factor, Rho GEF-H1. 
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Figure 32. Disruption of microtubules did not increase tissue stiffness in Xlfc-MO injected embryos. 
 
2.2.4.4 Rho-GEF regulates tissue stiffness through myosin II contractility 
RhoGTPase could regulate actomyosin contractility through several pathways, such as altering 
actin polymerization, bundling of actin filaments, or myosin II contractility (Machesky and Hall, 
1997; Millard et al., 2004; Somlyo and Somlyo, 2000; Watanabe et al., 1999). To determine how 
Rho-GEF modulates the tissue mechanics, we compared the stiffness of tissues treated with 
nocodazole alone to tissues treated with nocodazole and Y27632, which has been shown to block 
the myosin II contractility in cultured cells (Nagayama et al., 2004; Uehata et al., 1997) and 
reduced the tissue stiffness (Section 2.2.3.2). We found that tissues treated with both nocodazole 
and Y27632 had similar stiffness as control untreated tissues and were significantly less stiff than 
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tissues treated with nocodazole alone (Figure 33). While this result suggests that GEF-H1 
increases tissue stiffness through myosin II contractility, we also found that tissues treated with 
nocodazole and Y27632 were slightly, but significantly stiffer than tissues treated with Y27632 
alone (Figure 33). This suggests that blocking myosin II contractility could not completely 
inhibit the tissue stiffening caused by nocodazole. Additionally, we found that tissues treated 
with nocodazole alone were significantly stiffer than tissues treated with nocodazole and LatB (8 
explants treated with nocodazole alone, 7 explants treated with nocodazole and LatB, explants 
from one clutch embryos, Appendix A). Thus, we conclude that Rho-GEF increases tissue 
stiffness primarily by activating myosin II contractility, but may also act by stimulating actin 
assembly or F-actin cross-linking. 
 
Figure 33. Y27632 suppressed the nocodazole-induced tissue stiffening. 
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2.2.4.5 Mechanical rescue of axial elongation caused by nocodazole 
Disruption of microtubules by nocodazole induced severe defects in whole embryos (Figure 34A 
and B) and reduced the elongation rate of dorsal isolates (Figure 35A and B). We wondered 
whether these defects were due to mechanical or signaling defects. If the defects were due to 
mechanical stiffening we reasoned we could rescue the defective phenotype by inhibiting 
stiffening. To test whether we could mechanically rescue the phenotypes, we used both Xlfc-MO 
and Y27632 to reduce the nocodazole-induced tissue stiffening. Xlfc-MO and Y27632 decrease 
RhoGEF activity and myosin II contractility, respectively, and both of them had no effects on 
normal morphogenetic movements. However, we found that neither Xlfc-MO nor Y27632 could 
significantly rescue the defects caused by microtubule disruption in late gastrulation and early 
neurulation embryos (Figure 34A and B). Thus, the severe defects induced by disrupting 
microtubules are likely due to signaling, rather than mechanical stiffening.  
Since a previous study has demonstrated that Xlfc-MO and Y27632 could rescue the 
convergent extension movements of Keller sandwich explants in early gastrulation embryos 
(Kwan and Kirschner, 2005), we then tested the mechanical rescue of axial elongation of dorsal 
isolates from late gastrulation and early neurulation embryos. We found that nocodazole 
treatment reduced the tissue elongation by 30 to 40% and Xlfc-MO significantly rescued the 
axial elongation (p= 0.027 < 0.05). However, 40µM Y27632 did not rescue the axial elongation. 
By decreasing Y27632 concentration to 10µM, we found slight, but not significant increase in 
the axial elongation rate (Figure 35B). The results suggested that rescuing the tissue stiffness by 
blocking GEF function could significantly increase axial elongation, while rescuing the tissue 
mechanics by blocking myosin II contractility did not. This suggests that disruption of 
microtubules affects other cell functions in addition to tissue stiffening.   
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Figure 34. Mechanical rescue of defects induced by microtubule disruption.  
(A) Mechanical rescue the nocodazole (50 µM) induced developmental defects using Y27632 (40 µM) , 
treatment started at stage 11. (B) Mechanical rescue the nocodazole (50 µM) induced developmental defects using 
Xlfc Morpholino (Xlfc-MO), nocodazole treatment started at stage 16. 
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Figure 35. Mechanical rescue of axial elongation.  
(A) Elongation of dorsal isolates over 5 hours in DMSO (control), nocodazole (noc) or noc and Xlfc 
Morpholino (xlfcMO). (B) Axial elongation rate of nocodazole treated dorsal isolates was rescued by Y27632 (Y) or 
XlfcMO. p<0.05 was considered significantly different. 
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2.3 DISCUSSION 
By measuring the passive tissue mechanics of early frog embryonic tissues, we revealed for the 
first time complex spatial and temporal patterns of mechanical regulation during embryonic 
development. By investigating the contribution of subcellular-, cellular-, and tissue-level 
structures to the tissue mechanical properties, we found that, on the tissue-level, the stiffness of 
dorsal isolates was largely dependent on paraxial mesoderm tissues, while notochord tissue, 
which has been proposed to support the early embryos, was not a major contributor to the tissue 
mechanics. On the cellular-level, the mechanical properties of dorsal isolates were largely 
dependent on cells, but not ECM. On the subcellular-level, the mechanical properties of the 
embryonic cells were determined by actin and myosin II contractility, while MT indirectly 
controlled the tissue stiffness by regulating actomyosin network through a Rho-GEF mediated 
signaling pathway (Figure 36). 
2.3.1 Developmental regulation of tissue stiffness  
At the start of life, early embryonic tissues are extremely deformable (Moore et al., 1995), which 
may be necessary to allow the dynamic cell rearrangement or massive tissue movements in early 
morphogenesis. Once established, most adult tissues are very stiff (Levental et al., 2007). Our 
results connect the two ends by showing that embryonic tissues gradually increase their stiffness 
as they develop into next stages. And the rate of the tissue stiffening is significant as they 
increase 8- to 10-fold in less than 8 hours. The results also suggest that tissue mechanics like 
other morphogenetic movements such as cell motility and differentiation is genetically regulated. 
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Figure 36. Molecular regulation of tissue stiffness.  
 
2.3.2 Spatial variation in tissue stiffness 
In this study, we investigated the spatiotemporal variation of tissue stiffness in early embryos. 
Because each component in dorsal tissues is too small or too thin to measure directly, we 
measured the stiffness of various explants, which contain extra components or missing some 
tissues, and compared their stiffness. We found that explants with two notochords were not 
stiffer than the explants without a notochord and explants with LiCl-enlarged notochords had 
similar stiffness as control explants, which indicated that notochord was not a major contributor 
to the tissue stiffness. We also found that explants with two notochords trapping a small amount 
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of paraxial-medial mesoderm between them, explants containing only medial-mesoderm, and 
explants without endoderm were significantly stiffer than explants without a notochord, explants 
containing only lateral-mesoderm and control explants, respectively. In addition, explants 
without neural plates were not stiffer than control explants. To estimate the stiffness of each 
component, we used a simple mechanical model based on the superposition of composite 
materials (Christensen, 1991) and found that there was large spatial variance in tissue stiffness. 
Endoderm is the softest tissue and is one tenth the stiffness of paraxial mesoderm tissues, the 
stiffest tissues, whereas notochord and neural plate tissues have similar stiffness as control dorsal 
tissues. The variance in tissue stiffness suggests that not only gene expression, but also 
mechanical properties in early embryos are spatiotemporally patterned. It is also possible that the 
spatiotemporal variation of tissue stiffness was caused by patterned gene expression and future 
studies are needed to investigate the relationship between gene expression and protein activation, 
and stiffness patterning. The patterned tissue stiffness may facilitate the early massive tissue 
rearrangement, since soft tissues are easier to be deformed.  
Endoderm cells are yolk-rich cells carrying nutritive granules for other cells (Stern, 
2004). During late gastrula to early neurula stages, the stiffness of endoderm tissues (around 2-10 
Pascal) is very low compared to the stiffness of dorsal involuting marginal zone tissues (between 
3.9 and 14.2 Pascal) in early gastrula stages (Moore et al., 1995), which indicates that endoderm 
tissues do not increase their stiffness during late gastrulaton and early neurulation stages. The 
results suggest that tissue stiffening is not a default program during development, but is more 
likely temporally regulated. For example, endoderm tissues undergo convergent extension in 
later neurulation and tail-bud stages (Larkin and Danilchik, 1999) and we suspect that the 
stiffness of endoderm tissues will increase during these stages.    
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Our results showed that notochord was not a major contributor to the tissue stiffness or 
late phases of convergent extension movements. We found explants without notochord could 
elongate at the same rate as control explants during late gastrula to early neurula stages. The 
results are consistent with the previous studies which demonstrated that embryos without 
notochord had normal morphogenetic movements and axial elongation (Malacinski and Youn, 
1981; Youn and Malacinski, 1981). Thus we concluded that notochord did not play a significant 
mechanical role during late gastrula to early neurula stages. However, notochord was essential 
for early developmental movements, during which notochord cells adopt polarized protrusions 
and initiate convergent extension movements (Keller et al., 1989; Shih and Keller, 1992). The 
notochord is also essential for late embryonic development, during which the notochord stiffens 
and straightens to elongate the early tail-bud stage embryos (Adams et al., 1990; Koehl et al., 
2000). The heterogeneity in tissue stiffness may provide positional information to embryonic 
cells. For examples, somite is making developmental decisions during gastrula and neurula 
stages, directing cells to different fates based on positional cues (Brand-Saberi and Christ, 2000; 
Keller, 2000). Similar to the cultured mesenchymal stem cells, which could differentiate into 
neurons or osteoblasts when they were attached to soft or stiff substrate, respectively, embryonic 
cells such as outer-layer pre-somitic cells facing stiff neural plate could develop into myotome, 
while inner-layer pre-somitic cells facing soft endoderm tissues could grow into sclerotome.  
The spatial variation in tissue stiffness may also modulate the cellular behaviors through 
intracellular signaling. For example, the cortical tension, which determines the cell contractility 
and motility, is regulated by the stiffness of their underneath substrates (Paszek et al., 2005) and 
embryonic cells in stiff substrates such as mesoderm and ectoderm may have high internal 
tension, which in turn increase the cellular adhesion or cell motility (Levental et al., 2009).      
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2.3.3 ECM does not affect the tissue stiffness 
Since the mechanical properties of most adult tissues such as skin, heart valves, and blood 
vessels are dominated by their extracellular matrix (Brooke et al., 2003; Liao et al., 2007), ECM 
such as collagen, fibronectin, fibrillin and laminin have been proposed to contribute to the tissue 
mechanics in addition to their signaling roles (Keller et al., 2003). However, we found that 
reducing fibronectin did not change the tissue stiffness in late gastrula stage (stage 13) and in 
early neurula stages (stage 16), which contain more fibronectin fibrils. The conclusion that ECM 
does not contribute to the stiffness of early Xenopus embryonic tissues is supported by several 
lines of evidence. First, decreasing the fibronectin fibrils reduced the assembly of fibrillin and 
laminin, which may be due to the dependence of fibrillin deposition and laminin polymerization 
on fibronectin assembly (Colognato and Yurchenco, 2000; Kinsey et al., 2008). Second, direct 
disruption of fibrillin by injecting fibrillin MO did not alter the tissue stiffness (8 treated and 8 
control explants from one clutch embryos, Appendix A). Third, fibronectin, laminin and fibrillin 
are initially assembled and colocalize with the boundary between notochord and pre-somitic 
mesoderm tissues, and the physical removal of the notochord along with the ECM did not 
decrease the tissue stiffness. It should be noticed that there is no collagen or elastin in early 
Xenopus embryos.  
One reason why ECM remains compliant may be in anticipation of the ECM remodeling 
during early stages (Davidson et al., 2008). Within several hours of formation, the fibrillar 
fibronectin matrix is constantly remodeled by cell protrusions to increase matrix density and 
complexity and it may be challenging for cells to pull the matrix if it were stiff. So in the early 
frog embryo, the dominant role of matrix is signaling, rather than mechanically supportive.  
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2.3.4 Actomyosin contractility regulates the tissue stiffness 
Our results demonstrate that inhibition of either actin polymerization or myosin II contractility 
decreased tissue stiffness in a dose-dependent manner, which is consistent with the previous 
studies that actomyosin contractility regulates the cellular mechanics (Janmey and McCulloch, 
2007) as well as the mechanics of purified gels (Gardel et al., 2006). It is possible that disruption 
of the actin network may affect extracellular matrix, however, since depletion of ECM did not 
change the tissue stiffness we conclude that tissue stiffness is directly regulated by actomyosin 
contractility. However, one possibility remains that decreasing actin network would potentially 
reduce cadherin-mediated cell-cell adhesion, which would in turn reduce the tissue stiffness. 
Future studies will be needed to investigate the role of cell-cell adhesion in determining tissue 
stiffness.  
Even the highest dose of latruculin B only reduced the tissue stiffness to 30 to 40 %, 
which suggested that there were other cytoskeletal structures supporting the cells, such as 
intermediate filaments, while microtubules did not mechanically support tissue stiffness. We 
suspected that, since actin and myosin II determined the tissue stiffness, they may be responsible 
to the spatiotemporal variation in tissue mechanics. Staining of F-actin with phallacidin 
demonstrated that F-actin was spatially organized and there was less F-actin in endoderm than 
that in adjacent tissues (Zhou et al., 2009). However, staining of F-acitn and staining of 
phosphorylated serine of the myosin regulator light chain (pMLC) with its antibodies showed 
that there were no significant changes of F-actin and pMLC between different stages (Zhou et 
al., 2009). The results suggested that the f-actin and myosin II may account for the partial 
changes in spatiotemporal variation in tissue stiffness.  
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The complex role of actomyosin in mechanics can be further broken down. Although 
both reducing myosin II contractility by Y27632 and inhibiting F-actin by LatB decreased the 
tissue stiffness, they had distinct effects on embryonic development. Disruption of myosin II did 
not induce any defects in embryos, while decreasing tissue stiffness by inhibiting F-actin 
assembly did. The results suggested that reduction in tissue stiffness may not be necessary to 
disrupt normal embryonic development and indicated that tissue stiffness may not be important 
to the development. Alternatively, embryonic development may be robust to the tissue stiffness. 
For example, reducing myosin II contractility by Y27632 may affect other cellular or tissue 
processes such as cellular traction forces to compensate for the decreasing in tissue stiffness to 
allow the robust convergent extension movements.  
2.3.5 MT indirectly regulates tissue stiffness through actomyosin 
Earlier studies have demonstrated that microtubule depolymerization increased cellular traction 
forces (Danowski, 1989) and enhanced the assembly of actin stress fibers through a RhoGTPase 
mediated signaling pathway in culture cells (Chang et al., 2008). We extended the previous work 
(Kwan and Kirschner, 2005) by showing that depolymerizing microtubules by nocodazole 
activated GEF-H1, which elevated the Rho activity, increased actomyosin contractility, and thus 
increased the tissue stiffness in frog embryonic tissues. In the course of this study, we were able 
to rule out the mechanical role of microtubules by showing that microtubules did not 
mechanically contribute to the tissue stiffness. It is interesting to note that drugs such as 
calyculin A and jasplakinolide, which have been shown to stabilize F-actin or induce myosin II 
contractility, respectively, failed to increase the tissue stiffness of developing embryonic tissues, 
  79 
while depolymerization of microtubules did. The results highlight that microtubules serve as a 
potent regulatory rather than structural components in controlling tissue mechanics.  
Microtubules and their modulation of Rho GEF-H1 are reported to affect several other 
cellular processes. For example, they regulate the cell polarity (Kwan and Kirschner, 2005), 
mediate the transendothelial electrical resistance in endothelial cells (Verin et al., 2001), and 
control mitotic kinases during metaphase and anaphase (Birkenfeld et al., 2007). Microtubules 
are commonly involved in embryonic development, such as blastopore closure and neurulation in 
frog (Karfunkel, 1971; Lane and Keller, 1997; Lee and Harland, 2007), epiboly in zebrafish 
(Solnica-Krezel and Driever, 1994), epithelial-mesenchymal transition and neurulation in chick 
(Karfunkel, 1972; Nakaya et al., 2008). However, in these studies, microtubules and actomyosin 
contractility were commonly considered as two separate factors, which regulate the 
morphogenetic movements independently. Our results along with others reveal the cross-talk 
between the two systems by showing that microtubules affected the tissue movements through 
actomyosin contractility. Earlier work, which suggests that microtubules mechanically regulate 
developmental movements, should be re-evaluated, since microtubule-induced defects in the 
movements may be caused by the actomyosin contractility and not directly by microtubules.       
To determine whether developmental defects induced by disrupting microtubules is due 
to mechanical or signaling, we applied two strategies to mechanical rescue the microtubule-
induced tissue stiffening by reducing actomyosin contractility using Y27632 and by inhibiting 
Xlfc using Xlfc-MO. We found that blocking GEF function could significantly increase axial 
elongation, but could not fully recover the axial elongation, while blocking myosin II 
contractility produced a minor effect on axial elongation. The results suggested that microtubules 
regulate multiple cellular processes in addition to the tissue stiffness. First, microtubules 
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themselves control cellular processes such as vesicle transport and mitosis (Schroer and Sheetz, 
1991). Second, microtubules regulate other cellular functions, such as cell migration, cell 
polarization, cell division and cell adhesion, through Rho GEF-H1 (Birkenfeld et al., 2007; 
Chang et al., 2008; Chimini and Chavrier, 2000; Kaibuchi et al., 1999; Van Aelst and Symons, 
2002). Blocking myosin II contractility rescued the tissue stiffness, but could not rescue the 
functions related to microtubules themselves and other functions related to RhoGTPase. 
However, inhibiting Xlfc rescued the tissue stiffness and other functions related to RhoGTPase, 
but could not rescue the functions directly related to microtubules. Our mechanical rescue results 
indicate that microtubules not only modulate the tissue mechanics, but also affect other cellular 
processes.  
2.3.6 Limitation of the current study 
Throughout this chapter we have applied mechanical tests to understand the embryonic 
developmental process. As a pioneer study in developmental biomechanics, our current work has 
several limitations. First, the mechanical tests of embryonic tissues are simple uni-axial 
unconfined compressive stress-relaxation tests, and we made several assumptions to facilitate the 
analysis, such as constant cross-section area of the tissues during 180-second compression tests 
and constant strain applied to the tissues. Second, our current version of nano-Newton force 
measurement device is not able to perform more complicated mechanical tests, such as bi-axial 
stretch tests due to the difficulties to grip the fragile tissues to apply forces. Third, our device is 
not able to directly measure the stiffness of each component in dorsal isolates such as notochord, 
endoderm, and ectoderm due to the difficulties to measure too small or too thin tissues. More 
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advanced devices are needed to be developed to perform more accurate mechanical tests to 
reveal the spatial patterns of tissue mechanics during embryonic development.  
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3.0  ACTIVE FORCE PRODUCTION OF EMBRYONIC TISSUES 
Convergent extension (CE) is a major contributor to the morphogenetic movements that 
physically shape the early vertebrate embryo. During CE dorsal embryonic tissues progressively 
deform themselves and elongate the whole embryo along the anterior-posterior (AP) axis while 
narrowing in the medial-lateral (ML) direction (Keller et al., 2003). From a mechanical 
perspective, the degree of deformation must be proportional to active forces, which drive the 
tissue deformation, and must be inversely proportional to passive tissue mechanical properties 
such as stiffness, which resist deformation. Our previous studies (see chapter 2) indicated that 
the stiffness of the dorsal isolates increased eight- to ten-fold during CE, yet, these tissues 
maintain a nearly constant elongation rate over this same time period. Another finding from that 
same study revealed that both whole embryos and dorsal isolates cultured in a Rho Kinase 
inhibitor could also maintain constant elongation rates indistinguishable from controls. This 
suggests that the bulk tissue extension forces may be balanced to match the changes in tissue 
stiffness (Davidson et al., 2009b). How do tissues manage such robust and consistent 
morphogenesis in the face of environmental and genetic variations in real populations? The 
coordination of force-production with the local mechanical environment could be accomplished 
through a variety of mechanisms ranging from purely mechanical feedback to mechanosensing 
and signaling pathways (Schwartz and DeSimone, 2008). Alternatively, dorsal isolates may 
ignore signals from their external mechanical environment and generate the same amount of 
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force regardless of the stiffness of the rest of the embryo. However, no direct mechanical 
measurements of force production by embryonic tissues are available to test whether force-
production is independent of the local microenvironment or whether mechanosensing and 
signaling operates. Thus, in order to understand how force and stiffness are coordinated in 
multicellular tissues we need to reliably control and measure these forces. 
 Measurements of force generation, like measurements of tissue stiffness, can be difficult 
to extend to the large numbers of samples needed to accommodate natural variations between 
embryos. First, embryonic tissues are small and generate forces as low as a microNewton over 
areas as large as 0.1 mm2 (Moore, 1994). Second, the active elongation process continues for 
several hours during morphogenesis, which requires force sensors to have little or no drift over 
these time scales. Third, the elongating tissues are constantly changing their three-dimensional 
shapes, which make it hard to grip the tissues to apply or measure forces. Lastly, high throughput 
methods are essential in order to test the contribution of genes or proteins to the tissue extension 
forces. For these reasons we developed a new approach to measure tissue-scale force-production 
and investigate the mechanical control of robust elongation during convergent extension. 
In this chapter we report here the development of a reliable, high throughput technique to 
measure force-production by converging and extending dorsal isolates microsurgically explanted 
from gastrulating Xenopus laevis embryos and use this technique to reveal otherwise cryptic 
changes in force production that balance altered tissue stiffness, allowing for robust convergent 
extension movements. Briefly, the new method is to embed dorsal isolates in agarose gel with 
fluorescent beads and use the agarose gel as a force sensor. When the tissues elongate along their 
anterior-posterior axis, they deform the surrounding gel. The deformation of the gel is detected 
by tracking the fluorescent beads. The mechanical properties of the agarose gel are measured 
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using a rheometer and then the extending force of dorsal isolate is computed using a finite 
element model based on the displacement and viscoelastic properties of the gel. 
3.1 EXPERIMENTAL METHODS 
3.1.1 Embryo and tissue preparation 
Xenopus laevis embryos are obtained by standard methods (Kay and Peng, 1991), fertilized in 
vitro, dejellied in 2% cysteine and cultured in 1/3X MBS (Sive et al., 2000) at 14.5 - 21ºC to 
stage 16 (Nieuwkoop and Faber, 1967). Before making explants, vitelline membranes of 
embryos are removed with forceps (Fine Science Tools Inc., Foster City CA) and transferred in 
DFA media (Danichik's For Amy; (Sater et al., 1993)). Dorsal isolates and animal cap tissues are 
microsurgically dissected from embryos using hair loops and hair knives. The tissues can be 
harvested from mid-gastrulation (stage 11.5) to neural tube stages (stage 22) and beyond.  
3.1.2 Histology, Immunocytochechistry and Confocal Microscopy 
Fibronectin fibril staining is used to outline the tissue architecture of dorsal isolates. To stain 
fibronectin, explants embedded in agarose gel are fixed in 3% TCA in 1X PBS (Davidson et al., 
2004). Fibronectin fibrils are recognized with primary antibody mAb 4H2 (Ramos and 
DeSimone, 1996) against Xenopus fibronectin (1:500) and visualized with a rhodamine 
conjugated goat anti-mouse IgG antibody (1:200, Jackson ImmunoResearch Laboratory, West 
Grove PA). After staining, the dorsal isolates are dehydrated in methanol and cleared in Murray's 
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clear (Davidson et al., 2004). Single optical sections and z-series of explants are collected with a 
confocal laser scan head (SP5, Leica Microsystems, Inc.) mounted on an inverted compound 
microscope (DMI6000, Leica Microsystems, Inc.) using image acquisition software (LASAF, 
Leica Microsystems, Inc.). Average projection and reslicing of z-series stacks is obtained with 
ImageJ (v. 1.38, Wayne Rasband, NIH). 
3.1.3 Gel preparation 
To measure the tissue extension forces, dorsal tissues are embedded in agarose gel. Briefly, low 
melting temperature agarose power (type IX-A; Sigma) is dissolved in DFA solution at 65 ºC and 
cast in a 13x10x6 mm confocal chamber. The mixture gel is cooled to room temperature (RT) 
and remains liquid. Red fluorescence beads (580/605; absorption/emission wavelength in nm, 
Molecular Probes, Eugene, OR, USA) are evenly dispersed in the liquid solution as markers to 
track the deformation of the gel. Dorsal tissues or animal cap tissues are prepared and allowed to 
heal for 20 minutes to clear debris and avoid wound healing effects. The explants are then 
transferred to the liquid gel at room temperature and the whole chamber is moved to a 14.5 ºC 
incubator to chill for 20-30 minutes. The solution is gelled in less than 15 minutes at 14.5 ºC and 
remains solid at RT. DFA solution are then added to the top of the gel to provide necessary media 
to culture the tissues.  
3.1.4 Mechanical properties of agarose gel 
The mechanical properties of agarose gel were measured to extract parameters needed to model 
gel deformation in finite element (FE) model. Since the maximum local strain induced by 
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extending dorsal isolates in gel domain was estimated to be less than 20% over 5 hours, the 
agarose gel was modeled as a linear viscoelastic material (Findley et al., 1989; Normand et al., 
2000). The viscoelastic properties of the agarose gel are characterized by oscillatory shear flow 
tests using a rheometer (AR2000, TA Instruments). Briefly, molten agarose solution is cast 
between temperature-controlled plate and the rheometer geometry (40 mm diameter) at room 
temperature and then chilled to 14.5ºC for 20 minutes to allow the gelation of agarose. The gel is 
covered by light oil to prevent dehydration. The bulk elastic modulus G’ (or storage modulus) 
and viscous modulus G’’ (or loss modulus) of agarose gel as a function of frequencies ranging 
from 0.1 to 100 rad/s have been measured in frequency sweep shear mode (Figure 37A). The 
elastic modulus is an order of magnitude larger than its viscous modulus, so the mechanical 
properties of agarose gel are dominated by its elastic response (Figure 37B). To estimate 
viscoelastic parameters needed for FE model, the measured elastic modulus over frequencies is 
fitted with a two-mode linear viscoelastic model using Mathcad (v14, PTC, MA), and then the 
extracted parameters (long-term elastic modulus, elastic modulus at each mode and its 
corresponding relaxation time) are used to build the Prony series to model the visoelastic 
material in FE model (Zeng et al., 2006). An example of the fitting curve and derived results 
including shear modulus and relaxation times are shown in (Figure 37C). The long-term elastic 
modulus is typically 26, 200 and 500 Pa for gel with concentration of 0.6%, 0.9% and 1.2%, 
respectively. The Poisson's ratio of the agarose gels is assumed to be 0.5 as measured in a 
previous study (Normand et al., 2000). During creep tests, agarose gels did not fully recover to 
zero strain after the load was removed (Figure 37D). To account for this possibility, we decided 
to compare null force bead map at time 0 to force load bead map after 4 hours to determine the 
gel deformation.    
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Figure 37. Mechanical properties of agarose gel.  
(A) Elastic modulus of 0.6%, 0.9%, and 1.2% agarose gel at frequency between 0.1 and 100 rads/s. (B) An 
example of elastic and viscous modulus of 0.6% agarose gel. (C) Elastic modulus of 0.6% gel (red dots) is fitted 
with two-mode linear viscoelastic model (green line). (D) Creep tests of 0.6% agarose gel under 5 Pascal stress.  
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3.1.5 Confocal microscopy and image processing 
Central to resolving force production is tracking gel deformation through the movement of beads 
embedded in the gel. We reported two methods to track the movement of fluorescence beads. 
The first method tracks individual beads in confocal time-lapse imaging, while the second 
method tracks groups of beads by registration of two images taken at different time points.  
3.1.5.1 Detecting gel deformation by tracking individual beads  
To determine the gel deformation, we first tracked the movement of each individual bead 
detected surrounding elongating dorsal isolates. Red fluorescence beads (1 µm) are embedded in 
agarose gel and scanned using 20X plan apo objective (n.a 0.70). XY confocal images at the 
middle plane in tissue’s dorsal-ventral direction are acquired every 3 minutes in a time series 
using a confocal laser scan head (SP5, Leica Microsystems, Inc.) mounted on an inverted 
compound microscope (DMI6000, Leica Microsystems, Inc.) using image acquisition software 
(LASAF, Leica Microsystems, Inc.). To track the positions of each individual bead during tissue 
elongation, XY time (XYT) series are analyzed using a plugin for multiple particle detection and 
tracking (Sbalzarini and Koumoutsakos, 2005) with ImageJ (v. 1.38, Wayne Rasband, NIH). The 
algorithm assumes that fluorescent beads have limited speed and contains three steps. First, the 
background of each frame is subtracted by a boxcar average over a defined region. The noise is 
further reduced by adjusting intensity threshold. The second step is to detect beads in every 
frame. The rough location of beads is determined by local intensity maxima which are calculated 
by grayscale dilation. Then the sub-pixel resolution of bead position is achieved by calculating 
the geometric centre of the brightness-weighted centroid. The third step is to link the beads 
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detected in each frame by choosing the closest point in subsequent frames. Then the trajectory of 
each bead over multiple frames is computed. Nodal coordinates of each bead are obtained from 
its trajectory and the displacement of beads is calculated by subtracting its nodal coordinate at 
one time point from its coordinate at next time point.  
3.1.5.2 Detecting gel deformation by image registration 
To develop a high throughput method to track the deformation in gel domain, we adapted an 
image registration algorithm (bUnwarpJ, (Sorzano et al., 2005)), which registers two images by 
deforming one image to match the other. Briefly, three different sizes of red fluorescent beads 
(0.2 µm, 1 µm, and 15 µm) were suspended in gel and initially scanned using a 10X objective. 
The largest beads help us manually match the tissue position at different time points and the 
smallest beads provide contrast level of the gel which assists the algorithm to obtain better 
resolution. A confocal z-stack is collected around the middle plane of the tissue explant every 2 
hours and maximal projection of each z-series stacks is obtained with ImageJ. Two maximal 
projection images of each explant at different time points are first aligned (TurboReg, (Thevenaz 
et al., 1998)). The resulting rigid-body alignment allows us to reduce potential drift between the 
two images. Subsequent steps of image registration identify in-plane strain rather than rotational 
or translational displacement.  
3.1.6 Finite element model  
To compute the stress field in the gel based on the displacement field and the viscoelastic 
properties of the gel, a two-dimensional finite element (FE) model was constructed. In the 
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following sections, we will describe the three steps, pre-processing, simulation, and post-
processing, which are needed to build the FE model to estimate the stress produced by extending 
dorsal isolates.  
3.1.6.1 Pre-processing 
The pre-processing includes four steps: modeling of the geometry, meshing, modeling the 
material properties, and specification of boundary, initial and loading conditions. During the pre-
processing, an input file is created to store the necessary information to construct the finite 
element models, such as FE mesh, extracted viscoelatic parameters of the agarose gel, initial 
conditions and displacement boundary conditions of the gel.   
(a) Modelling of the geometry 
In our FE model, the gel domain is assumed to be isotropic, since the gel is well mixed and is not 
subject to strain as it forms. We assume the gel domain is homogeneous and the material 
property of the gel is not direction-dependent. The gel domain is also assumed to be linear 
viscoelastic, since the agarose gel is compressed by the elongated tissue in our experiments and 
the strain in gel domain is estimated to be less than 20% based on the displacement of beads 
(Normand et al., 2000). Three-node linear two-dimensional plane stress triangle elements (CPS3) 
are used for simulations. The CPS3 element allows nonlinear relationships between stress and 
displacement from material nonlinearity, geometric nonlinearity, and boundary nonlinearity. To 
compensate the effect of geometric nonlinearities due to large deformation in the agarose gel, we 
turn on the NLGEOM option.  
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(b) Meshing  
To represent the gel we generate a two-dimensional finite element mesh based on the position of 
each bead reported from a bead tracking algorithm (Sbalzarini and Koumoutsakos, 2005). 
Triangular elements are constructed and then refined to generate elements with same areas and to 
remove small or large angles by inserting extra nodes into the mesh with a free software 
TRIANGLE (version 1.6, CMU, Pittsburgh). To construct meshes based on the output from the 
image registration algorithm, we divide the whole displacement field in gel domain into small 
windows (32 × 32 pixels). The center of each window is calculated and the mean displacement 
of each window is computed. Using these windows the meshing algorithm produces triangular 
elements with identical area and optimal shapes.  
(c) Modeling the material properties of agarose gel 
To model the agarose gel as linear viscoelastic material, we use the following constitutive 
equation: 
𝝈𝝈(𝒕𝒕) = ∫ 𝑬𝑬(𝒕𝒕 − 𝒕𝒕′) ∗ 𝒅𝒅
𝒅𝒅𝒕𝒕
𝜺𝜺(𝒕𝒕′)𝒅𝒅𝒕𝒕′𝒕𝒕
−∞
                                                                                                            ( 3-1) 
where 𝝈𝝈(𝒕𝒕)  and 𝒅𝒅
𝒅𝒅𝒕𝒕
𝜺𝜺(𝒕𝒕)  are the stress tensor and strain rate tensor, respectively, 𝑬𝑬(𝒕𝒕) is the 
relaxation modulus:  
𝑬𝑬(𝒕𝒕) = 𝑬𝑬∞ + ∑ 𝑬𝑬𝒋𝒋𝑵𝑵𝒋𝒋=𝟏𝟏 ∗ 𝒆𝒆−𝒕𝒕 𝝉𝝉𝒋𝒋⁄                                                                                                                    (3-2) 
where 𝑬𝑬∞  is the long-term elastic modulus, 𝑬𝑬𝒋𝒋 and 𝝉𝝉𝒋𝒋 is the elastic modulus and relaxation time, 
respectively, at each mode of relaxation. The above generalized Maxwell model contains infinite 
numbers of spring-dashpot Maxwell elements in parallel to accurately capture the viscous 
response of the linear viscoelastic material. A previous study has demonstrated that two-mode 
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Maxwell model was sufficient to represent the viscoelasticity of agarose gel (Zeng et al., 2006), 
so we apply two-mode Maxwell model to model the gel. The two-mode model in frequency 
domain is defined as: 
𝑬𝑬′(𝝎𝝎) = 𝑬𝑬∞ + 𝑬𝑬𝟏𝟏𝝎𝝎𝟐𝟐𝝉𝝉𝟏𝟏𝟐𝟐𝟏𝟏+𝝎𝝎𝟐𝟐𝝉𝝉𝟏𝟏𝟐𝟐 + 𝑬𝑬𝟐𝟐𝝎𝝎𝟐𝟐𝝉𝝉𝟐𝟐𝟐𝟐𝟏𝟏+𝝎𝝎𝟐𝟐𝝉𝝉𝟐𝟐𝟐𝟐                                                                                                                  (3-3) 
𝑬𝑬′′ (𝝎𝝎) =  𝑬𝑬𝟏𝟏𝝎𝝎𝝉𝝉
𝟏𝟏+𝝎𝝎𝟐𝟐𝝉𝝉𝟏𝟏𝟐𝟐 + 𝑬𝑬𝟐𝟐𝝎𝝎𝝉𝝉𝟏𝟏+𝝎𝝎𝟐𝟐𝝉𝝉𝟐𝟐𝟐𝟐                                                                                                                           (3-4) 
where 𝑬𝑬′, 𝑬𝑬′′ are the storage modulus and loss modulus, respectively. To obtain the parameters to 
represent the viscoelastic behavior of agarose gel in our FE solver (ABAQUS, Student version 
6.5, Abaqus, Inc.) , we fitted the measured storage modulus as a function of frequency to data 
collected using oscillatory shear flow tests (Section 3.1.4) using the equation (3-3).   
In ABAQUS, the storage modulus can be defined using a Prony series expression: 
𝒈𝒈𝑹𝑹(𝒕𝒕) = 𝟏𝟏 − ∑ 𝒈𝒈𝒊𝒊 ∗ (𝟏𝟏 − 𝒆𝒆−𝒕𝒕/𝝉𝝉𝒊𝒊)𝑵𝑵𝒊𝒊=𝟏𝟏                                                                                                           (3-5) 
where 𝝉𝝉𝒊𝒊  is the relaxation time, and 𝒈𝒈𝑹𝑹(𝒕𝒕) , the relaxation modulus in dimensionless form, 
defined as:  
𝒈𝒈𝑹𝑹(𝒕𝒕) = 𝑬𝑬(𝒕𝒕)𝑬𝑬𝟎𝟎                                                                                                                                                 (3-6) 
where 𝑬𝑬(𝒕𝒕) is the time dependent relaxation modulus in equation (3-2), and 𝑬𝑬𝟎𝟎  is the 
instantaneous relaxation modulus. Since the solid agarose gel is nearly incompressible, we 
assume the Poisson’s ratio is 0.5 (Normand et al., 2000). 
(d) Boundary, initial and loading conditions 
A finite element model allows us to compute stresses from applied displacements by dividing the 
whole agarose gel into many small elements. The mechanical behavior of each element is 
governed by three equations: 1) relating strain and displacement, 2) relating stress and strain, and 
3) evaluating the static stress equilibrium in each element. The equations for each element are 
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assembled together in matrix form; mechanical equilibrium and the resulting displacement and 
stresses are solved for the series of linear equations. 
ABAQUS uses the Green's strain matrix to calculate the strain from displacement: 
𝜺𝜺𝑮𝑮 = 𝟏𝟏
𝟐𝟐
∗ (𝑭𝑭𝑻𝑻 ∙ 𝑭𝑭 − 𝑰𝑰)                                                                                                                                  (3-7) 
where 𝜺𝜺𝑮𝑮  is Green's strain matrix, 𝑰𝑰  is the two-dimensional identity tensor, and 𝑭𝑭𝑻𝑻  is the 
transpose of 𝑭𝑭, which is the deformation gradient tensor and defined as: 
𝑭𝑭 = �𝝏𝝏𝝏𝝏𝝏𝝏𝑿𝑿 𝝏𝝏𝝏𝝏𝝏𝝏𝒀𝒀𝝏𝝏𝝏𝝏
𝝏𝝏𝑿𝑿
𝝏𝝏𝝏𝝏
𝝏𝝏𝒀𝒀
� + 𝑰𝑰                                                                                                                                        (3-8) 
where 𝝏𝝏 and 𝝏𝝏 are the displacements in 𝑋𝑋- and 𝑌𝑌-direction, respectively. For a linear viscoelastic 
material, the relationship between stress and strain is given by equation (3-2). And the static 
stress equilibrium for two-dimensional stress plane is governed by:   
𝝏𝝏𝝈𝝈
𝝏𝝏𝝏𝝏
+ 𝒇𝒇 = 𝟎𝟎                                                                                                                                                  (3-9) 
  where 𝝈𝝈 is the stress tensor and  𝒇𝒇 is the force tensor. 
In order to compute the stresses from displacements, we apply the displacements of the 
gel as load by defining the boundary conditions and assume that there is no pre-stress presented 
at the tissue-gel interface before imaging, so the initial condition of the model would be the 
original positions of the gel at the beginning of tissue extension.  
For each step, there are multiple types of analysis in the FE solver, such as static stress 
analysis, dynamic stress analysis, or visco stress analysis. To model the viscoelastic response of 
agarose gel, we choose visco stress analysis, which is used to get a transient static stress analysis 
with time-dependent material response such as viscoelasticity (ABAQUS, 2007). In summary, 
nonlinear visco stress analysis is used to perform the analysis, and NLGEOM and VISCO 
parameters on the *STEP option are chosen. A sample ABAQUS input file (.inp) is shown in 
APPENDIX B.  
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3.1.6.2 Simulation  
Simulation is needed to solve the linear equations. After an input file (.inp) containing the FE 
mesh, viscoelatic parameters of the agarose gel, initial conditions, and displacement boundary 
conditions of the gel is created in the pre-processing section. The input file is then imported into 
the solver of a commercial finite element software ABAQUS to compute the stress distribution in 
the gel surrounding a sample. ABAQUS uses a Newton solution technique (ABAQUS, 2007) to 
analyze the nonlinear problems. In brief, displacement is increased step by step over time. For 
each time increment, the solution converges if it satisfies the preset viscoelastic strain error 
tolerance, which is less than 0.01%. If the solution does not converge, the solver iteratively 
reduces the time step by 25% until convergence is achieved.   
3.1.6.3 Post-processing 
Post-processing is needed to extract stress data from the outputs of FE models. After simulation, 
the stresses are calculated at specific nodes on the elements. The von Mises stress of each node 
immediately surrounding anterior and posterior ends of tissues is extracted from the output files 
(.rpt). To determine the nodes marking the anterior or posterior ends of embedded explant, we 
first dilated the mask of the source image (image at time 0) by 32 pixels and used the mask to 
identify all the nodes immediately adjacent to the explant on anterior-posterior and medial-lateral 
boundaries. Then a preset stress threshold is applied to remove the nodes which are on the medial 
and lateral sides of the tissue. We calculate mean stress <σ> and maximum stress σmax from the 
stress values of nodes located on anterior and posterior ends of the embedded tissues.  
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3.1.7 Direct calculation of strain  
To validate the precision of strain output from FE model, we directly calculated the nominal 
strain (NE) from the displacement map in agarose gel produced using image registration. To 
measure the strain, we first calculated the 2D displacement gradient tensor 𝑯𝑯: 
𝑯𝑯 = �𝝏𝝏𝝏𝝏𝝏𝝏𝑿𝑿 𝝏𝝏𝝏𝝏𝝏𝝏𝒀𝒀𝝏𝝏𝝏𝝏
𝝏𝝏𝑿𝑿
𝝏𝝏𝝏𝝏
𝝏𝝏𝒀𝒀
�                                                                                                                                            (3-10) 
where 𝐮𝐮 and 𝐯𝐯 are the displacements in x- and y-direction, respectively and are defined as: 
𝑢𝑢 = 𝑋𝑋 − 𝑒𝑒  
𝑣𝑣 = 𝑌𝑌 − 𝑦𝑦 
where (𝐗𝐗,𝐘𝐘) and (𝐱𝐱, , 𝐲𝐲) are the reference point and deformed point, respectively. Then the 
deformation gradient tensor 𝐅𝐅 is computed by: 
𝑭𝑭 = 𝑯𝑯 + 𝑰𝑰                                                                                                                                                 (3-11) 
where 𝐈𝐈 is the two-dimensional identity tensor. With the deformation gradient tensor, the nominal 
strain 𝐍𝐍𝐍𝐍 (or Biot’s strain) is calculated by: 
𝑵𝑵𝑬𝑬 = √𝑭𝑭 ∗ 𝑭𝑭𝑻𝑻 − 𝑰𝑰                                                                                                                                    (3-12) 
where 𝐅𝐅𝐓𝐓 is the transpose of 𝐅𝐅. The directly calculated nominal strain was then compared to the 
nominal strain outputted from the FE solver ABAQUS.   
3.1.8 Verify finite element model with spherical indentation 
To demonstrate the precision of stress measurement using FE model, we chose to verify our 
newly developed technique against the well case of spherical indentation. A solid sphere (ball-
point from blue pen, uniball corp) of radius (𝑅𝑅 = 250 µm) attached to an optical fiber is used to 
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indent agarose gel with a half space surface to depth (𝑑𝑑) (Figure 45A). We coated the solid 
sphere with very small green fluorescent microspheres (0.2 µm FluoSpheres, 660/680; 
absorption/emission wavelength in nm, Molecular Probes, Eugene, OR, USA) to detect the 
deflection (∆x) of optical fiber as it contacts an agarose gel labeled with three types of red 
fluorescent beads with different sizes (0.2 µm, 1 µm, and 15 µm FluoSpheres, 580/605; 
absorption/emission wavelength in nm, Molecular Probes, Eugene, OR, USA). Contrasting 
fluorescent markers on the indenting sphere and in the gel allow us to calculate deformation. The 
displacement of the optical fiber and the displacements of fluorescent beads in gel domain are 
recorded using confocal microscopy with 10X objective. Briefly, a confocal z-stack is collected 
around the middle plane of the solid sphere and a maximal projection of the z-series stacks is 
produced. To compensate for the viscosity of agarose gel, we wait three minutes for viscous 
response to dissipate (the gel’s relaxation time is less than one second) before collecting z-stack 
confocal images after each indentation. The applied force is computed by Hooke's law (𝐹𝐹 =
−𝑘𝑘 ∗ ∆𝑒𝑒 ), where k  is the spring constant of the optical fiber determined using a method 
described previously (Davidson and Keller, 2007).  According to the Hertz contact theory 
(Fischer-Cripps, 2007), the Hertzian contact stress (𝜎𝜎𝐻𝐻) is: 
𝝈𝝈𝑯𝑯
𝒑𝒑𝒎𝒎
= −𝟑𝟑
𝟐𝟐
�𝟏𝟏 −
𝒓𝒓𝟐𝟐
𝒂𝒂𝟐𝟐
�    𝒓𝒓 ≤ 𝒂𝒂                                                                                                                       (3-13) 
where 𝒂𝒂 (=√𝑅𝑅 ∗ 𝑑𝑑) is the contact area of radius, 𝒓𝒓 is the radial distance, and 𝒑𝒑𝒎𝒎 (=𝐹𝐹 𝜋𝜋𝑠𝑠2⁄ ) is the 
mean contact pressure (Figure 45A). The maximum Hertzian contact stress (σH,max) is at the 
center of contact (𝑠𝑠 = 0):  
𝝈𝝈𝐇𝐇,𝐦𝐦𝐦𝐦𝐱𝐱 = −𝟑𝟑𝟐𝟐𝒑𝒑𝒎𝒎 = − 𝟑𝟑𝑭𝑭𝟐𝟐𝝅𝝅𝒂𝒂𝟐𝟐                                                                                                                       (3-14) 
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where 𝑭𝑭 is the applied force. The stress distribution in gel domain caused by indentation of the 
solid sphere is computed by our new method and the maximum von Mises stress (𝜎𝜎max ) at the 
center of contact is compared to 𝜎𝜎H,max  (Figure 45A). 
3.1.9 Measure the tissue extension forces using a long optical fiber 
To further validate the precision of stress measurement using FE model, a long optical fiber is 
prepared to work as a force transducer with spring constant (k = 6.38 nN/µm) to measure the 
average stress exerted by extending dorsal isolates (Figure 46A). Briefly, a dorsal isolate is 
placed between an immobile backstage and the optical fiber along its anterior-posterior (AP) 
direction (Figure 46B). As the tissue extends, it deforms the optical fiber whose position is 
recorded by a high resolution objective mounted to a CCD camera. Deflection (∆x) of the fiber 
and the cross-section area (A) of the tissue at tissue-fiber contact are manually measured using 
imageJ. The force (F) is computed from the displacement of the fiber and its spring constant by 
Hooke's law (𝐹𝐹 = −𝑘𝑘 ∗ ∆𝑒𝑒). The mean stress or pressure (𝑒𝑒𝑚𝑚 ) is calculated by dividing force 
with its cross-section area (𝑒𝑒𝑚𝑚 = 𝐹𝐹/𝐴𝐴).   
3.1.10 Data analysis 
The σmax and <σ> represent the magnitude of stress in agarose gel applied by an embedded 
tissue. Two-way ANOVA, which includes treatment and clutch as fixed and random factor, 
respective, is used to calculate the statistical difference of σmax and <σ> between posterior and 
anterior ends of each tissue, between control and Y27632-treated explants, between sham control 
and notochord-less explants, or between tissues embedded in gels with different stiffness.  
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3.2 RESULTS 
3.2.1 The gel force sensor 
In order to quantify the forces driving convergent extension, we developed a new method to 
measure force using an agarose gel as a force sensor. Agarose gels have been used to culture 
cells or tissues and its mechanical properties have been extensively characterized (Balgude et al., 
2001; Chen et al., 2004; Gordon et al., 2003; Normand et al., 2000; Ross and Scanlon, 1999; 
Tokita and Hikichi, 1987; Zeng et al., 2006). We embed microsurgically isolated Xenopus laevis 
embryonic tissues that include the dorsal anlagen (referred to here as the dorsal isolate) in low-
gelling temperature agarose in a fluid state at room temperature (Figure 38A). Chilling the fluid 
agarose to 14.5 ºC causes the agarose to solidify around the dorsal isolate. Immediately after 
gelling, the solid agarose immobilizes the explant, but as the dorsal isolate generates force it 
pushes on and deforms the surrounding gel along the AP axis (Figure 38B). Thus, the gel serves 
to both hold the tissue in place and acts as a force sensor. In brief, we assess the force production 
of the explants by first obtaining a map of bead displacements in the gel either by tracking 
embedded individual fluorescent beads or by tracking groups of beads. To calculate forces from 
the displacement map of the gel we use a finite element model of the agarose gel. The finite 
element model requires information on the mechanical properties of the gel which we obtained 
using a rheometer. Lastly, the finite element model is used to compute the stress field 
surrounding the elongating tissues from the displacement field and the mechanical properties of 
the gel (Figure 38C).  
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Figure 38. Gel force sensor.  
(A) Schematic of gel force sensor shows a dorsal isolate embedded in agarose gel with fluorescent beads. 
Optical-stack is taken across the center of the tissue to detect the gel deformation. (B) When tissues converge in 
mediolateral direction and extend along anterior-posterior (AP) axis, they compress the gel in AP ends. (C) Flow 
chart of the procedure for computing tissue extension forces. 
 
3.2.1.1 Building FE model based on tracking individual beads  
As a first step in determining the forces produced by a converging and extending explant we 
determined the deformation of the gel by tracking individual fluorescent beads embedded in 
agarose gel (Figure 39A). We used a particle tracking algorithm (Sbalzarini and Koumoutsakos, 
2005) to analyze displacement of beads obtained from confocal time-lapse imaging and report 
the bead trajectories (Figure 39A). The beads closer to the ends of the tissue along the AP axis 
moved greater distance (Figure 39B), while beads further from the tissue showed little 
displacement (Figure 39A). In order to extract local stresses from maps of bead displacements 
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we constructed a finite element model based on the positions of every detected bead (Figure 
39C). We assumed there were no stresses present at the start of the experiment and calculated 
forces needed to displace each bead in the gel domain to their final position. In standard 
engineering terms we calculated the stresses within the gel produced by the elongating explant. 
We computed the equivalent or von Mises stress, which we will simply refer to as 'stress' (σ; 
(Fischer-Cripps, 2007)) using a commercially available FE solver (see Methods) based on the 
bead displacements and the viscoelastic properties of agarose gel (Figure 39D). We have found 
that the embedded tissues extend up to 4 hours in the gel and produced a maximum stress (σmax) 
of 7 Pa (Figure 39D). Tissues or embryos confined in gels develop normally through late 
gastrula and neurula stages (data not shown). The maximum stress always colocalizes with the 
mediolateral midline of the dorsal isolate (Figure 39D), suggesting that the notochord, the most 
medial tissue, and surrounding pre-somitic mesoderm tissues extends faster and produces larger 
forces compared to the other tissues. 
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Figure 39. Building FE model based on tracking individual beads.  
(A) As tissue (pink) extends, the immediately surrounding gel (black) is deformed demonstrated by 
embedded fluorescent beads at time 0 (red), after 4 hours (green) and the trajectories of the beads (blue). (B) The 
beads closer to the ends of the tissue along the AP axis (dash line window in D) moved greater distance.  (C) Two-
dimensional mesh is built based on the positions of individual beads at time 0. (D) The mesh is refined and the stress 
field is reported based on the bead displacements and the viscoelastic properties of agarose gel.  
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3.2.1.2 Building FE model based on tracking groups of beads  
The particle tracking algorithm can only track beads if their movements between two 
consecutive time frames are small. To meet this requirement we collected time-lapse series of 
images every 3 to10 minutes. Collecting a time-lapse series such as this places practical limits on 
the number of explants that can be tested at the same time. To develop a high throughput method 
where more explants could be tracked simultaneously, we adapted an image registration 
algorithm which detects the deformations in agarose gel by tracking groups of beads (Sorzano et 
al., 2005). This method, called image registration, uses b-splines to recreate a displacement map 
between two images collected at much larger time intervals, up to 4 hours. We use this image 
registration technique to measure the extension forces produced by multiple samples for the 
remainder of this dissertation.  
Elongating dorsal isolates positioned in the gel with the mediolateral axis and anterior-
posterior axis aligned with the plane of the confocal section deformed the agarose gel at both 
anterior and posterior ends of the explant (Figure 40A and C). Often as the dorsal isolate 
converges and extends it loses contact with the gel along the mediolateral sides of the isolate 
(Figure 40B and B’). The displacement of the gel is reported by registration of the two images, 
one taken shortly after the explant is immobilized and one 4 hours later (Figure 40D). The stress 
distribution in the gel surrounding the explant is computed using a finite element model (Figure 
40E). We routinely found that posterior ends produced different spatial patterns of stress than the 
anterior ends; for instance, the posterior end produces a higher, more axially focused pattern of 
stress than that of the anterior end (Figure 40E and F) even though we found no significant 
difference comparing the maximum or mean stress between the two ends. 
  103 
 
Figure 40. Building FE model based on tracking groups of beads.  
(A) Elongating dorsal isolate is positioned in agarose gel with the mediolateral (ML) axis and anterior-
posterior (AP) axis aligned with the plane of the confocal section. (B) Dorsal isolate is embedded in gel (dorsal view) 
at time 0. B’) As tissue converges, it loses contact with the gel along the mediolateral sides of the isolate (arrows). 
(C) Bead map of “null force” (red) and “force loaded” (green). * Green beads “appear” at 4 hours but are not due to 
deformation but rather are no longer obscured by converging tissues. (D) Gel deformation is calculated by image 
registration of the two images in (C).  (E) Stress distribution computed using a finite element model shows that the 
posterior end produces a higher, more axially focused pattern of stress than that of the anterior end (F).  
  104 
3.2.1.3 Detect forces in three dimensions 
Using the gel force sensor, we can also assess the forces produced by tissue thickening (Keller et 
al., 2008) in dorsal-ventral (DV) axis by simply changing the orientation of the dorsal isolate in 
gel. Dorsal isolates positioned with their DV axis and AP axis aligned with the plane of the 
confocal section (Figure 41A) allowed us to detect both the tissue elongation forces and dorsal 
ventral thickening forces (Figure 41B). We found that tissue thickening in DV axis produced 
comparable amount of forces as tissue elongation in AP direction. By checking the displacement 
map, we found that gel deformation in AP axis caused by tissue elongation was focused along 
the anterior and posterior axis (Figure 41C), while deformation by tissue thickening was located 
at dorsal and ventral sides (Figure 41D). There was no gel displacement along the DV direction 
at anterior and posterior ends (Figure 41D) caused by either tissue elongation or thickening, 
which suggested that tissue elongation did not induce significant gel deformation in DV direction. 
Such forces might result from bending of the dorsal isolate. Repositioning the dorsal isolate so 
the explant's ML and DV axes were aligned with the confocal plane (Figure 41E) we measured 
the tissue thickening forces in the middle of the AP axis (Figure 41F).  
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Figure 41. Gel deformation in three-dimensional direction.  
(A) Dorsal isolates positioned with their DV axis and AP axis aligned with the plane of the confocal section. (B) 
Stress produced by both the tissue elongation forces in AP axis and dorsal ventral thickening forces in DV axis. (C) 
Bead displacement in AP axis caused by tissue elongation is focused along the anterior and posterior axis. (D) Bead 
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displacement in DV axis caused by tissue thickening is located at dorsal and ventral sides. There is no gel 
displacement along the DV direction at anterior and posterior ends caused by either tissue elongation or thickening. 
(E) Dorsal isolates positioned with their DV axis and ML axis aligned with the plane of the confocal section. (F) 
Stress produced by tissue thickening forces in the middle of the AP axis.  
 
3.2.2 Evaluation of the Gel Force Sensor 
In order to measure the small forces generated by embryonic tissue with agarose gels we needed 
to evaluate the reliability and accuracy of the gel sensor. Since extension forces are determined 
using the displacement and the material properties of the gel we evaluated the precision of gel 
sensor to report displacement, strain, and stress. 
3.2.2.1 Accuracy of displacement measurements  
Several methods can be used to measure displacements in gels. The particle tracking algorithm 
can resolve sub-pixel movements of beads (Sbalzarini and Koumoutsakos, 2005) and therefore, 
is able to precisely detect gel displacement. We used particle tracking to evaluate the accuracy of 
the image registration method by comparing the difference of bead displacements between the 
two algorithms (Figure 42A and B). The difference of bead displacements between the two 
methods is less than 1 pixel (0.7 µm) in either x- or y-directions (Figure 42C and D). The 
average difference in the reported gel displacement between the two methods is less than 8% and 
indicates that the image registration detects the gel deformation as well as the particle tracking 
algorithm. 
  107 
 
Figure 42.The accuracy of image registration algorithm is verified by the particle tracking algorithm.  
(A) The same two images in Figure 39C (red at time 0 and green after 4 hours) were analyzed with image 
registration algorithm. (B) The absolute displacement calculated by image registration algorithm. (C) The difference 
of outputs from the image registration and the bead tracking algorithms was less than 0.75 µm in both x- and y-
direction (D) and the average difference between the two algorithms is less than 8% for all the beads with more than 
one pixel movement. 
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3.2.2.2 Accuracy of strain measurements  
Strain in the gel can be calculated directly from the displacement data or can be modeled by 
finite element methods. To verify the precision of strain measurements reported by the FE model, 
we directly calculated the nominal strain (NE) by taking the derivative of displacement map 
produced using image registration. The strain maps from FE model and from direct calculation 
had similar pattern and the strain values were comparable (Figure 43A and B).  
 
Figure 43.Strain verification by direct computation.  
(A) Nominal strain (NE) in anterior-posterior axis (NE11) modeled by finite element (FE) solver. (B) NE11 
directly computed from displacement map shows that the strain maps from FE model and from direct calculation 
had similar pattern.  
 
3.2.2.3 Accuracy of stress measurements  
To demonstrate that our technique accurately reports the stress of extending dorsal isolates we 
carried out three tests. First, we tested our method with microsurgically excised animal cap 
tissues, which consist of a superficial layer of epithelial cells and a deep layer of mesenchymal 
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cells. When cultured freely in a dish, animal cap tissues do not converge or extend. When 
cultured in a gel, animal cap tissues contract and the epithelial cell layer seals up over exposed 
deep mesenchymal cells in agarose gel (Figure 44A and B) and do not generate comparable 
stress as dorsal isolates (Figure 44C). The mean values of maximum von Mises stress produced 
by animal cap tissues is 0.3 ± 0.1 Pa (n=5), which is much smaller than that of dorsal isolates 
(5.0 ± 1.6 Pa).  
 
 
Figure 44. Animal cap tissues do not generate comparable forces.  
(A) The embedded animal cap tissue at time 0. (B) Animal cap tissues do not converge or extend, but 
instead contract and the epithelial cell layer seals up over exposed deep mesenchymal cells after 4 hours. (C) No 
comparable stress produced by animal cap tissues. 
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Next, we verified our technique against the well studied case of spherical indentation 
(Figure 45A). By experimentally pushing a sphere with a known diameter into the agarose gel 
we tested our force-analysis technique against a theoretical prediction of Hertzian contact stress 
(σH) produced by a solid sphere (Hertz, 1881). From gel displacement maps we calculated the 
stress within the gel (σmax) and compared these values to theoretical predictions (σH,max). We 
found experimentally measured values of σmax were comparable to theoretical values of σH,max 
even as the indentation forces increased beyond those observed in our studies (Figure 45B).  
Finally, we compared the gel-measured stresses to the low-throughput measurement of 
elongation forces using a long optical fiber described in Methods (Figure 46A). Dorsal isolates 
extended along the anterior-posterior axis between an immobile backstage and the optical fiber 
(Figure 46B). The elongating tissue deformed the optical fiber (Figure 46C) and produced the 
maximum force of 0.4 µN (Figure 46D) and maximum mean stress of 3.3 Pascal, which is 
comparable to the maximum mean stress <σ> (Figure 48G). Thus we have validated our gel-
based approach to measure force produced by elongating dorsal isolates at each step of analysis. 
Thus, embedding Xenopus embryonic tissues within a force-reporting agarose gel offers a 
reliable and high throughput approach to measuring force-production. 
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Figure 45. The accuracy of stress is verified by spherical indentation.  
(A) A solid sphere with radius (R=250 µm) attached to a optical fiber indented the gel with a half-space 
surface to depth (d), creating a contact surface with radius (a), and producing stress field in gel domain which is 
computed by finite element (FE) model. (B) The maximum stresses (σH,max) calculated by Hertz contact theory are 
comparable to maximum Von Mises stresses (σmax) computed from FE model even as the indentation forces 
increased beyond those observed in our studies.  
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Figure 46. The accuracy of stress is validated by using a long optical fiber.  
(A) Sketch of tissue extension without mechanical constrains (top) and sketch of measuring extension 
forces using a force-reporting optical fiber (below). (B) The tissue is kept between an immobile back stage and a 
deformable optical fiber at time 0. (C) The elongating tissue deforms the tip of the optical fiber which reported the 
force. (D) Tissue extension forces measured over 4 hours. 
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3.2.3 Tissue extending forces regulated by myosin II contractility 
With a robust tool to measure force production we investigated the regulation of the tissue 
extending forces by myosin II contractility. Our previous studies (Zhou et al., 2009) indicated 
that dorsal isolates were able to elongate approximately 40% over five hours without any 
physical constraints (Figure 47A and B). Interestingly, we found no significant difference of 
elongation rates between control and myosin inhibitor Y27632-treated tissues (Figure 47B), 
although Y27632 has previously been demonstrated to greatly reduce the tissue stiffness (Zhou 
et al., 2009). However, when Y27632 treated tissues were embedded in agarose gel, their 
elongation rate was significantly reduced (Figure 47A and B) and they produced much less 
stress in both anterior and posterior ends (Figure 47C and D). The mean value of σmax of control 
and Y27632 treated tissues was 5.0 ± 1.6 Pa and 1.4 ± 0.7 Pa, respectively. Both the σmax and 
mean von Mises stress (<σ>) of Y27632 treated tissues were significantly lower than those of 
control explants (Figure 47E-G). Dorsal isolates incubated in Y27632 exhibited both reduced 
tissue stiffness and reduced tissue elongation forces, suggesting that embryonic tissues are able 
to adjust force production to compensate for  their internally altered mechanical properties.  
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Figure 47. Tissue extension forces are regulated by myosin II contractility.  
(A) Dorsal isolates elongate in DMSO and 40 µM Y27632 without mechanical constrain or embedding in 
agarose gel. (B) Tissues elongate at same rates in DMSO or Y27632 without mechanical constrain, while elongate 
much less in Y27632 when embedded in gel. (C) Stress field surrounding a tissue in DMSO and a tissue treated with 
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Y27632 (D) over 4 hours. (E) Stress distribution along the midline axis of the DMSO and Y27632-treated tissues. 
(F) Both the maximum stress and mean stress (G) of the extending tissues in DMSO were significantly greater than 
those of tissues in Y27632. Significance of stress measurements among multiple clutches were calculated using two-
way ANOVA (*, p< 0.05; **, p< 0.01; ***, p<0.005). 
 
3.2.4 Dorsal isolates in stiffer gel produced greater force 
To test whether embryonic tissues could adjust their force production to compensate for external 
changed mechanical environment, we challenged dorsal isolates with stiffer environment. Our 
gel-based force sensor allows us to easily change the mechanical environment by simply altering 
the concentration of agarose gels. To determine the effects of mechanical environment on the 
force production of dorsal isolates, we measured force production by explants embedded in gels 
made with three different concentrations 0.6%, 0.9% and 1.2%, whose long-term elastic modulus 
were typically 30, 200, and 500 Pa, respectively. We found that dorsal isolates embedded in 0.9% 
or 1.2% gel generated greater forces than those embedded in 0.6% gel (Figure 48A-C). Both the 
σmax and <σ> produced by dorsal isolates in 0.6% gel were significantly lower than those in 0.9% 
or 1.2% gel (Figure 48E-G). Comparisons between the elongation forces produced in 0.9% and 
1.2% gel are challenging since 1.2% gels introduce higher background "noise" due to 
inaccuracies in measuring small gel displacements. Thus, the dorsal isolate can adapt of differing 
mechanical environment; generating larger forces when faced with a stiffer microenvironment. 
Since dorsal isolates confined in gels do not elongate we wondered whether the internal 
architecture of axial and paraxial tissues were altered and could account for unusually high force 
production. To check the architecture of dorsal isolates for irregular development, we fixed 
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unconfined and gel-bound explants, stained explants for fibronectin fibrils, and confocal 
sectioned the intact dorsal isolates. The projections of fibronectin fibrils in confocal stacks show 
boundaries between germ layers and that tissues embedded in stiffer gels had wider, "knob-
shaped" notochords in their posterior ends and the notochords were curved in stiff gels (Figure 
48A’- C’) compared to dorsal isolates cultured without mechanical restriction (Figure 48D). Our 
findings corroborate previous observations that notochord and somatic tissues actively shear and 
that the notochord moves, or is drawn toward the posterior end of paraxial mesoderm (Keller et 
al., 1992a; Wilson et al., 1989). Other tissue morphogenesis, including somite formation and 
neural tube closure, are not perturbed in gel-confined explants.  
3.2.5 Notochords do not contribute to force production 
The presence of the notochord knob at the posterior end of a dorsal isolate cultured in a stiff gel 
suggests that notochord extrusion at the posterior end induces the asymmetric stress patterns at 
the anterior and posterior end of elongating dorsal isolates and suggests that the notochord may 
contribute to force production. To test the contribution of notochords to active force generation, 
we compared the forces produced by `sham-operated' control dorsal isolates and dorsal isolates 
lacking a notochord. The sham-operated control and notochord-less dorsal isolates (Figure 49A) 
were microsurgically prepared as described previously (chapter 2, section 2) and their 
architectures were confirmed by confocal sections of stained fibronectin fibrils (Figure 49B’ 
and C’). We found that notochord-less dorsal isolates embedded in 30 Pa gel generated a similar 
magnitude and pattern of force to that generated by sham control dorsal isolates (Figure 49B 
and C). The mean value of σmax produced by sham control and notochord-less dorsal isolates 
was 4.5 ± 1.1 Pa and 4.1 ± 1.7 Pa, respectively (Figure 49D). Furthermore, there are no 
  117 
significant difference between either both the σmax or <σ> produced by sham control and 
notochord-less dorsal isolates (Figure 49E and F). However, due to the effects of microsurgery, 
both sham control and notochord-less dorsal isolates generated less forces compared to wide-
type control dorsal isolates, whose mean value of σmax was 5.9 ± 1.7 Pa (13 notochord-less and 
18 wide-type control explants from four clutches, data not shown). Thus, the notochord is 
unlikely to contribute to the magnitude and patterning of the forces driving tissue elongation 
during late gastrulation and early neurulation.  
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Figure 48. Dorsal isolates in stiffer gel produced greater force.  
(A) Dorsal isolates are embedded in 30 Pascal (Pa), in 200 Pa (B), and in 500 Pa gel (C). A’) 
Representative average projections and transverse maximum projections of fibronectin fibrils in confocal stacks 
taken from tissues embedded in 30 Pa, in 200 Pa (B’), in 500 Pa gel (C’), and in DMSO without mechanical 
constrains (D) show that tissues had wider, "knob-shaped" notochords in their posterior ends and the notochords are 
curved in stiff gels. (E) Stress distribution along the midline axis of dorsal isolates embedded in gels with different 
elastic modulus. ①: note, high stresses from a single clutch. (F) Both the maximum stress and mean stress (G) of the 
dorsal isolates in 30 Pa gel are significantly less than those of tissues in 200 Pa or 500 Pa gels. Significance of stress 
measurements among multiple clutches were calculated using two-way ANOVA (*, p< 0.05; **, p< 0.01; ***, 
p<0.005). 
 
  119 
 
Figure 49. Contribution of the notochord to force production.  
(A) Schematic shows `sham-operated' control dorsal isolates and notochord-less dorsal isolates. (B) Stress 
maps of sham control and notochord-less dorsal isolates (C) embedded in 30 Pa gels.  (B’) Representative average 
projections and transverse maximum projections of confocal sections of stained fibronectin fibrils of sham control 
and no-notochord dorsal isolates (C’) show that the sham control dorsal isolate contains neural ectoderm (ne), 
notochord (n), paraxial somitic mesoderm (s) and endoderm (e), while the notochord-less dorsal isolate does not 
have notochord (p, posterior and a, anterior).  (D) Stress distribution along the midline axis of sham control and 
notochord-less dorsal tissues. (E) Both the maximum and mean stress (F) of the sham control and notochord-less 
dorsal isolates are not significantly different. Significance of stress measurements among multiple clutches were 
calculated using two-way ANOVA (*, p< 0.05; **, p< 0.01; ***, p<0.005). 
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3.3 DISCUSSION 
In this chapter, we developed a high throughput technique to reliable measure the tissue 
extension forces and used this technique to reveal the hidden changes in force production during 
convergent extension. The decreased or increased force production balances the reduction in 
tissue stiffness or balance the increase in the stiffness of external environment, respectively, to 
allow the tissues to have constant degree of deformation, which indicated that convergent 
extension movements were robust to physical forces and tissue stiffness. These results suggest 
how mechanical process maintains the same growth rate from embryo to embryo even as there is 
large variation in their stiffness and in their force production.  
3.3.1 High throughput technique 
We developed an innovative high throughput method to reliably measure the extension forces of 
embryonic dorsal isolates. We tested and validated the accuracy of the method by evaluating the 
precision of the displacement, strain, and stress measurements. The new method had several 
advantages over the existing methods. First, the agarose gel holds the tissue without slipping as 
the tissue extends and changes its shape. Second, it is a high throughput technique which allows 
us to measure the mechanical forces of more than ten explants at the same time. Third, the 
agarose gel force sensor is easily adapted to evaluate the stress or strain in different ranges by 
tuning the elastic modulus of the agarose gel by changing gel concentration. Although the 
method is designed to measure uniaxial elongating forces of dorsal tissues, it would also be 
applied to study other tissue types, for example, from developing organs in mammalian embryos 
or growing tumors, which extend in single or multiple dimensions. 
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We applied the new technique to measure the extending force produced by dorsal isolates. 
Both dorsal isolates and animal cap tissues were able to grow normally when they were 
embedded in gels. Dorsal isolates generated stresses of 5.0 ± 1.6 Pa on the surrounding gel, while 
animal cap tissue explants generated stresses of 0.3 ± 0.1 Pa, which is almost negligible. 
Although anterior and posterior ends of dorsal isolates must generate the same total force, the 
posterior end produced slightly larger stress than that of anterior end due to the smaller cross-
section area of posterior end at contact (Keller et al., 1992a; Wilson et al., 1989). 
3.3.2 Mechanical environment provided feedback to tissue extension forces 
Our results suggest feedback mechanisms operate during development to allow robust 
morphogenetic movements in the face of variation in physical mechanics, eg. stiffness and force 
production, of the early embryo. Previous studies showed that embryos successfully completed 
gastrulation and neurulation even when there was a two-fold variance among embryonic tissue 
stiffness (von Dassow and Davidson, 2009), or when tissue stiffness was significantly decreased 
experimentally by inhibiting myosin II contractility (Zhou et al., 2009). Here, by examining the 
tissue extending forces, we found that the variance in tissue force production was comparable to 
that in tissue stiffness (Figure 47E). Moreover, we found that the extending forces of dorsal 
isolates were significantly decreased when myosin II contractility was reduced by Y27632. Our 
results support the idea that force production and tissue stiffness are highly coordinated during 
early development.  
How can embryos develop normally against a background of mechanical variation that 
must inevitably arise due to genetic and environmental variation in real populations? Do feed-
back mechanisms operate through high-level control of gene expression or is feedback 
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maintained at the level of the cytoskeleton? Many possible routes for mechanotransduction or 
mechanical feedback have been observed in cultured cells (Schwartz and DeSimone, 2008) but it 
is still unknown how the active force production and passive mechanical properties are 
coordinated in embryos. 
3.3.3 An approach with broad applications 
The technique developed here enables analysis of convergent extension movements of 
embryonic dorsal tissues and also offers promise to understand other instances of force 
generation during morphogenesis, organogenesis, and tumor growth. For example, the technique 
could be directly used to investigate the elongation forces produced by ventral embryonic tissues 
during neurula and tailbud stages (Drawbridge and Steinberg, 2000; Larkin and Danilchik, 
1999). With minor modification, our technique could also be applied to study the forces driving 
the neural tube formation, an important morphogenesis movement (Nagele et al., 1989; Sadler, 
1998). Micropatterning approach has been developed to study tissue deformation such as branch 
morphogenesis by creating cavites in Polydimethylsiloxane (PDMS) to mimic the mammary 
epithelial tubules (Mori et al., 2009; Nelson et al., 2008; Nelson et al., 2006). However, no direct 
force measurement is avaible in these studies. By tracking fluorensce beads added in the PDMS, 
our technique could be adapted to estimate the temporospatial stress patterns induced by these 
tissues. Lastly, by embedding tumor tissues in gels with appropriate ECM such as collagen, we 
could measure the growth forces of expanding tumors to study the tumour invasion and 
metastasis.  
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3.3.4 Limitation 
There are several limitations of our current version of gel force sensor. First, due to the technique 
difficulties, we were unable to determine the gel deformation in three dimensions neither by 
tracking individual beads nor by tracking groups of beads, which makes it hard to model the 
tissue extending movements in three dimensions using our finite element models. Second, we 
measured the maximum forces produced by stalled explants and were not able to estimate the 
rate of force generation during convergent and extension.  
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4.0  SUMMARY AND CONCLUSIONS 
4.1 SUMMARY OF FINDINGS 
We addressed three specific aims to study the passive mechanical properties and active force 
generation capacities of frog embryonic tissues. In chapter 2, we addressed aim 1 to characterize 
the temporal and spatial variation of tissue stiffness in dorsal isolates. By measuring the stiffness 
of dorsal isolates from different stages and the stiffness of dorsal explants with their sub-
components iteratively removed, we found large temporal and spatial variance in tissue 
mechanics. Dorsal isolates increase 6-fold in stiffness within several hours. Pre-somitic 
mesoderm, but not notochord, supports the dorsal part of early embryos. Endoderm tissues are 
the least stiff component in dorsal explants and dependent on other dorsal parts to maintain their 
structures.  
In section 2.2.2 and 2.2.3, we addressed aim 2 to evaluate the contribution of subcellular 
and cellular structures to embryonic tissue stiffness. We found the passive mechanical properties 
of dorsal isolates were determined by thousands of closely compacted individual cells, but not 
their surrounding extracellular matrix. Using small molecule inhibitors we found the mechanical 
properties of these cells largely depended on the actin cytoskeleton and myosin II contractility, 
while microtubules did not mechanically contribute to the tissue mechanics, but regulated tissue 
stiffness by altering actomyosin contractility through a RhoGEF mediated signaling pathway.  
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In chapter 3, we addressed aim 3 to investigate how mechanical environment affects 
forces generated by dorsal isolates. By estimating the active force production using a newly 
developed gel force reporting sensor, we found that passive and active tissue mechanics are 
coordinated through actomyosin contractility. Reducing the myosin II contractility decreased 
both tissue stiffness and extending forces, which allow the embryonic tissues to have robust 
convergent extension movements. The mechanical environment provided feedbacks to the force 
production machines to generate larger forces in stiffer environments.  
 
4.2 SIGNIFICANCE OF THE FINDINGS 
By finishing these three aims, we revealed several key principles in the mechanical design of 
vertebrate embryonic tissues during late gastrulation and early neurulation and resolved several 
hypotheses about the mechanical process of embryonic development.  
First, we found that paraxial mesoderm rather than notochord played an important role 
providing the mechanical support for early embryos. The failure in axial elongation may cause 
severe neural tube defects in vertebrates including humans (Kibar et al., 2007; Wallingford et al., 
2002). Based on our studies, we suggest to further investigate the mechanical roles of paraxial 
mesoderm in neural tube closure, since it is the paraxial mesoderm who determines the physical 
resistance and perhaps the force generation of the dorsal tissues during axial elongation and 
neural tube closure.    
Second, ECM is typically treated as a simple scaffold that mechanically supports tissues 
or organs but is now recognized to affect multiple cellular processes (Daley et al., 2008) and 
several tissue movements such as convergent extension, somite formation, branch 
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morphogenesis in vertebrates through signaling pathways (Darribere and Schwarzbauer, 2000; 
Davidson et al., 2004; Davidson et al., 2006; George et al., 1993; Georges-Labouesse et al., 
1996; Julich et al., 2009; Koshida et al., 2005; Larsen et al., 2006; Sakai et al., 2003; Yang et al., 
1999). However, these earlier studies suggested a wide range of mechanical functions for the 
ECM including mechanical support and protection. Our studies ruled out the contribution of 
ECM to tissue mechanics in early frog embryonic tissues and suggested that ECM may only play 
signaling role in these early developmental stages. In contrast, ECM does contribute to the tissue 
mechanics in late stages such as tail-bud stage, during which collagen sheath increased internal 
tension in notochord field and thus straighten the whole dorsal embryo (Adams et al., 1990; 
Koehl et al., 2000). Combined with these studies, our results demonstrate how tightly ECM must 
be regulated both temporally and spatially. These findings suggest that tissue engineers should 
reconsider their designs of extracellular matrix scaffolds to allow more temporally and spatially 
controlled mechanical properties to mimic the mechanical environment in native ECM. For 
instance, decellularized native  matrix may provide a promising scaffold to build artificial hearts 
(Ott et al., 2008). The decellularization process keeps the intact three-dimensional geometry and 
fiber architecture, while still changes the mechanical properties of the matrix (Liao et al., 2008; 
Ott et al., 2008). Thus, there is still a long way to go to make commercial matrix scaffolds (Place 
et al., 2009) and studies from developmental biology are essential to define what is the best 
matrix to design (Ingber and Levin, 2007).  
Third, surprisingly, we demonstrated that microtubules did not mechanically contribute to 
tissue stiffness, but rather molecularly regulate the tissue stiffness. Microtubules are involved in 
many cellular processes (Akhmanova et al., 2009) and tissue movements (Brun and Garson, 
1983; Karfunkel, 1971; Kwan and Kirschner, 2005; Nakaya et al., 2008; Rodriguez et al., 2003; 
Solnica-Krezel and Driever, 1994).  For the first time, we showed that disruption of microtubules 
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could increase tissue stiffness as a result of increase in actomyosin contractility. Our studies 
provide a new perspective that requires us to re-think the role of microtubules in tissue 
movement. For example, reducing microtubules may increase tissue stiffness, which may cause 
severe defects in morphogenetic development such as mammalian neurulation (Copp et al., 
2003). 
Fourth, we revealed that actomyosin contractility controlled both passive mechanical 
properties and active force production to maintain a “balance” between driving forces and 
resistance to allow the robust convergent extension movements. Actomyosin contractility has 
been shown to mediate multiple tissue movements such as apical constriction, neural tube 
closure, mesoderm invagination, and convergent extension in Xenopus lavis, zebrafish, 
Drosophila, and in mice (Fernandez-Gonzalez et al., 2009; Martin, in Press). In most cases, 
actomyosin contractility was studied as the driving forces to the cellular or tissue movements, 
without concern for the role of actomyosin in establishing or maintaining tissue stiffness. 
Furthermore the contribution of actomyosin contractility to passive tissue mechanical properties 
was rarely examined due to the difficulties in measuring the passive tissue mechanics in species 
such as zebrafish and Drosophila. However, our studies remind us that tissue deformation is 
dominated by both active force and passive tissue mechanics. Thus the spatial and temporal 
regulation of tissue stiffness revealed in our frog Xenopus lavis model could provide valuable 
information to investigate the tissue movement in human embryos and other model systems since 
the genetic and biochemical regulation of tissue mechanical properties is common to all animal 
cells or tissues.  
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4.3 FUTURE DIRECTIONS 
We demonstrated the temporal and spatial variation in tissue stiffness and showed that 
cytoskeletal components, such as F-actin, myosin II motors, microtubules regulate the tissue 
mechanics. However, we did not detect significance difference of F-actin and phosphorylated 
myosin II protein expression in time and space. Future studies are needed to reveal what 
mediates the temporospatial variation presented in tissue stiffness. In order to investigate the 
contribution of molecular- and cellular-structures to tissue stiffness, we applied a panel of drugs 
to manipulate the subcellular structures such as disrupting intermediate filament with acrylamide, 
inhibiting myosin II function with blebbistatin, or activating myosin II contractility with 
calyculin A and increasing actin polymerization with jasplakinolide. These drugs are not very 
specific and there are numerous avenues for future studies. We showed that inhibiting 
actomyosin contractility by Y27632 decrease the tissue stiffness, but did not induce defects in 
axial elongation or embryonic developments. However, other studies have showen that know-
down myosin IIB significantly reduced tissue stiffness and disrupted the convergent extension 
movements (Rolo et al., 2009; Skoglund et al., 2008). The discrepancy suggested that myosin 
heavy chains and light regulatory chains had distinct effects on tissue mechanics and tissue 
movements and future studies are needed to explore the role of myosin motors in morphogenetic 
movements. By investigating the contribution of actomyosin contractility to both tissue stiffness 
and elongating forces, we found that actomyosin contractility regulates the two processes 
simultaneously, which makes the convergent extension movements robust to the tissue 
mechanics. However, we did not yet reveal how actomyosin contractility is able to regulate the 
two processes at the same time and keep the constant ratio between the two parameters in 
different conditions. We only can postulate that cellular traction forces control both the tissue 
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elongating force and tissue stiffness and thus reducing traction forces decreases force and 
stiffness, or it is possible that there is feedback between force and stiffness and so force (or 
stiffness) could modulate the other process. Microtubules regulate multiple cellular processes in 
addition to tissue stiffness. Mechanical rescue the tissue stiffness did not fully recover the 
embryonic development and axial elongation, which suggests that other cellular processes that 
microtubules involve are also important to convergent extension movements. More experiments 
are needed to study the roles of microtubules playing in tissue deformation such as microtubules 
mediated cell polarity or cell shape changes.      
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APPENDIX A 
REGULATION OF TISSUE STIFFNESS BY MOLECULE STRUCTURES  
Targets Treatment Treatment time Tissue stiffness p-value 
Cadherin 
control  
  
46.6±8.3 (n=8) 
0.001 Catenin Binding Region- 
glucocorticoid receptor (CBR-GR, 
14 ng per embryo)  
24.0±6.4 (n=8) 
F-actin 
control  
1 hour 
49.3±10.4 (n=9) 
0.222 
1 uM Jasplakinolide (Jasp) 54.4±8.8 (n=9) 
control  
1 hour 
47.7±6.7(n=8) 
0.072 
2 uM Jasp 53.2±4.9 (n=7) 
control  
40 minutes 
43.8±9.6 (n=8) 
0.161 
3 uM Jasp 37.5±5.5 (n=8) 
control  
1 hour 
72.5±8.6 (n=9) 
0.001 
10 uM Jasp 55.3±8.6 (n=9) 
0.6 uM Latrunculin B (LatB) 
20 minutes 
34.8±7.3 (n=8) 
0.036 
LatB+1uM Jasp 42.8±6.4 (n=9) 
Myosin II 
control  
30 minutes 
50.1±12.1 (n=8) 
0.888 
40 nM Calyculin A (CalyA) 50.9±8.2 (n=9) 
40 uM Y27632 
30 minutes 
30.0±3.9 (n=9) 
0.011 
Y27632+40 nM CalyA 38.8±7.5 (n=9) 
40 uM Y27632 
30 minutes 
30.7±4.1(n=9) 
0.003 
Y27632+60 nM CalyA 39.0±5.1(n=9) 
Microtubule 
50 uM Nocodazole (Noco) 
40 minutes 
118.2±19.0 (n=8) 
0.000 
Noco+0.6 µM LatB 41.7±23.1 (n=7) 
Fibrillin 
fibrils 
control  
  
55.0±8.6 (n=8) 
0.721 Fibrillin Morpholino (10 μM per 
embryo) 58.1±11.7(n=8) 
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APPENDIX B 
ABAQUS INPUT FILE 
The following is a sample ABAQUS input file named sample.inp. The node, element, Elset, 
Nset, boundary condition sections have been shortened to save space. 
*Heading 
** Job name: sample Model name: sample 
*Preprint, echo=NO, model=NO, history=NO, contact=NO 
** PARTS 
*Part, name=PART-1 
*Node 
      1,   24.2187004,   24.2187004 
      2,   24.2187004,   72.6561966 
      ............................. 
    873,    1525.7793,   1477.34192 
    874,    1525.7793,    1525.7793 
*Element, type=CPS3 
   1,   1, 33,   2 
   2,   2, 33,  34 
   ................ 
1621, 731, 763, 732 
1622, 446, 427, 445 
*Elset, elset=_PICKEDSET3, internal 
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    1,    2,    3,    4,    5,    6,    7,    8,    9,   10,   11,    
    12,   13,   14,   15,   16,   17,   18,   19,   20,   21,   22,    
    ............................................................... 
    1594, 1595, 1596, 1597, 1598, 1599, 1600, 1601, 1602, 1603, 1604,  
    1605, 1606, 1607, 1608, 1609, 1610, 1611, 1612, 1613, 1614, 1615,   
** Section: Section-1-_PICKEDSET3 
*Solid Section, elset=_PICKEDSET3, material=VISCOELASTIC 
1., 
*End Part 
** ASSEMBLY 
*Assembly, name=Assembly 
*Instance, name=PART-1-1, part=PART-1 
*End Instance 
*Nset, nset=_PICKEDSET1, internal, instance=PART-1-1 
 1, 
*Nset, nset=_PICKEDSET2, internal, instance=PART-1-1 
 2, 
 ................................................... 
*Nset, nset=_PICKEDSET873, internal, instance=PART-1-1 
 873, 
*Nset, nset=_PICKEDSET874, internal, instance=PART-1-1 
 874, 
*End Assembly 
** MATERIALS 
*Material, name=VISCOELASTIC 
*Elastic, moduli=INSTANTANEOUS 
 25.965, 0.5 
*Viscoelastic, time=PRONY 
  0.0922,    0., 0.046 
 0.10298,    0., 0.634 
** ---------------------------------------------------------------- 
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** STEP: Step-1 
*Step, name=Step-1, nlgeom=YES, inc=3000 
*Visco, cetol=0.0001 
480., 14400., 0.144, 14400. 
** BOUNDARY CONDITIONS 
** Name: Disp-BC-1 Type: Displacement/Rotation 
*Boundary 
_PICKEDSET1, 1, 1, 1.0116 
** Name: Disp-BC-2 Type: Displacement/Rotation 
*Boundary 
_PICKEDSET1, 2, 2, 0.3087 
.............................................. 
** Name: Disp-BC-1747 Type: Displacement/Rotation 
*Boundary 
_PICKEDSET874, 1, 1, 0.4537 
** Name: Disp-BC-1748 Type: Displacement/Rotation 
*Boundary 
_PICKEDSET874, 2, 2, -1.3685 
*End Step 
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